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Bio–Nanomaterials: Understanding
Key Biophysics and Their

Applications
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ABSTRACT

At the interface between nanomaterials and biological systems, an
understanding of the interactions between them is of significant interest.
Nanoparticles interacting with small organic ligands, therapeutic
molecules, proteins, DNA and cell membranes establish a series of
nanoparticle/biological interfaces that depend on colloidal forces as well
as dynamic biophysicochemical interactions. These interactions could
impart unique physical properties to the nanomaterials and at the same
time can also regulate biological responses of the bio–nanoconjugates.
Studies aimed at correlating the properties of nanomaterials such as
size, shape, physicochemical functionality, surface charge, and
composition with bio–molecular structure/functionality provides a
foundation for rational designing of the next–generation nano tools
beneficial for advanced biological/technological applications. In this
article, we will present our ultrafast spectroscopic investigations for the
understanding of key biophysical processes in the interactions of
nanomaterials with different biological systems to provide a perspective
on the applications/long–term implications of the bio–nanomaterials
in the diverse field of nanotechnology.
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novel optical/magnetic properties, Toxic metal ion sensing
and Photocatalysis.

1. INTRODUCTION

The interface of biology and inorganic materials represents one of the
fastest growing and most promising areas of nanotechnology. Since,
nanomaterials can display distinct biological effects compared with bulk
materials of the same chemical composition, the physico–chemical
characterization of nanomaterials and the understanding of their
interaction with biological media are essential for optimizing
nanoparticles properties. The ‘nano–bio’ interface comprises dynamic
physicochemical interactions, kinetics and thermodynamic exchanges
between nanomaterial surfaces and the surfaces of biological components
(for example small biomolecules, proteins, DNA etc.). Moreover,
nanotechnology–based approaches are being explored for a variety of
biomedical applications such as for drug delivery, bioimaging, tissue
engineering and biosensors. A substantial number of these approaches
employ nanoscale materials or bio–nanomaterials for developing unique
functionalities required by the biomedical systems. For this field to
evolve, we must understand the dynamic forces and molecular
components that shape these interactions. In this chapter, we present
our consistent efforts to explore how the interactions between
nanomaterials and biological systems modify the fundamental forces
that govern nanoparticle properties as well as their interactions.
Furthermore, by employing ultrafast (picosecond/femtosecond time
scales) spectroscopic technique, we define the excited state dynamical
pathways of the migration of electronic radiation at the bio–nano
interface. We introduce various bio–nanomaterials, discuss their
potential applications, and finally present their future prospects.

2. METHODOLOGY

2.1. Characterization Tecnniques

Optical spectra of the solutions were taken with a Shimadzu Model
UV–2450 spectrophotometer using a quartz cuvette of 1 cm path length.
The characteristic fluorescence excitation and fluorescence emission
spectra were recorded on a Jobin Yvon Model Fluoromax–3 fluorimeter.

TEM samples were prepared by dropping sample stock solutions onto
a 300–mesh carbon coated copper grid and dried overnight in air. Particle
sizes were determined from micrographs recorded using a FEI
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TecnaiTF–20 field–emission high–resolution transmission electron
microscope operating at 200 kV.

A JASCO FTIR–6300 spectrometer was used for the Fourier
transform infrared spectroscopy (FTIR) to confirm the covalent
attachment. For FTIR measurements, powdered samples were mixed
with KBr powder and pelletized. The background correction was made
by using a reference of KBr pellet.

Raman scattering measurements were performed in a back scattering
geometry using a micro–Raman setup consists of a spectrometer (model
LabRAM HR, JobinYvon) and a Peltier–cooled charge–coupled device
(CCD) detector. An air cooled argon ion laser with a wavelength of
488 nm was used as the excitation light source. Raman spectra of all
samples have been recorded at room temperature in the frequency range
50–4000 cm–1.

DLS measurements were done with Nano S Malvern instrument
employing a 4 mW He–Ne laser ( = 632.8 nm) equipped with a thermo
stated sample chamber. All the scattered photons are collected at 173°
scattering angle. The scattering intensity data are processed using the
instrumental software to obtain the hydrodynamic diameter (dH) and
the size distribution of the scatterer in each sample. The instrument
measures the time–dependent fluctuation in the intensity of light
scattered from the particles in solution at a fixed scattering angle.
Hydrodynamic diameter (dH) of the proteins is estimated from the
intensity autocorrelation function of the time–dependent fluctuation
in intensity. dH is defined as:
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Where kb is the Boltzmann constant,  is the viscosity, and D is the
translational diffusion coefficient. In a typical size distribution graph
from the DLS measurement, the X–axis shows a distribution of size
classes in nm, while the Y–axis shows the relative intensity of the
scattered light.

The CD spectrum were measured in a Jasco 815 spectropolarimeter
with a Peltier setup for the temperature–dependent measurements.

Matrix–assisted laser desorption ionization mass spectrometry
(MALDI–MS) studies were conducted using a Voyager–DE PRO
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Biospectrometry Workstation from Applied Biosystems. A pulsed
nitrogen laser of 337 nm was used for the MALDI–MS studies. Mass
spectra were collected in positive–ion mode and were averaged for 100
shots.

Magnetic measurements were performed in a Lake Shore VSM with
an electromagnet that can produce field up to 1.6T.

XRD patterns was obtained by employing a scanning rate of 0.02° s-1

in the 2 range from 10° to 80° by PANalytical XPERT–PRO
diffractometer equipped with Cu K radiation (at 40 mA and 40 kV).

Fluorescence micrographs of the samples were taken using an
Olympus BX51 fluorescence microscope employing 365 and 436
excitation wavelengths generated through WBS and WGS mirror units,
respectively. During the capturing of fluorescence micrographs, in case
of 365 and 436 nm wavelength excitation, integration times were kept
constant.

XPS measurements were carried out using Omicron Nanotechnology
instrument equipped with seven channeltrons with binding energy
resolution of 0.1 eV. XPS were done using monochromatic Al K  X–
rays (1486.6 eV). The X–rays source was at 15 keV with the emission
current of the filament of 20 mA. All measurements were done at
ultrahigh vacuum conditions of 5 × 10–10 mbar. Electron flooding was
employed for sample charging compensation during the measurements.
The binding energies were calibrated with respect to adventitious C 1s
feature at 284.6 eV and internal oxygen peak. XPS spectra were
deconvoluted to their individual components using Gaussian Lorentzian
function after background subtraction with Shirley function in Casa
XPS software.

Picosecond–resolved fluorescence transients were measured by using
commercially available spectrophotometer (Life Spec–ps) from
Edinburgh Instruments, UK for 375 nm excitation. For 293 nm
excitation we have used the third harmonic laser beam of 879 nm (0.5
nJ per pulse) using a mode locked Ti–sapphire laser with an 80 MHz
repetition rate (Tsunami, Spectra Physics), pumped by a 10 W Millennia
(Spectra Physics) followed by a pulse–peaker (rate 8 MHz) and a third
harmonic generator (Spectra Physics, model 3980). The third harmonic
beam was used for excitation of the sample inside the Time–Correlated–
Single–Photon–Counting (TCSPC) instrument (IRF=50 ps) and the
second harmonic beam was collected for the start pulse. The observed
fluorescence transients were fitted by using a nonlinear least square

fitting procedure to a function
0
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convolution of the IRF ( ( ))E t  with a sum of exponential
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of the curve fitting was evaluated by reduced chi–square and residual
data. It has to be noted that with our time resolved instrument, we can
resolve at least one fourth of the instrument response time constants
after the de–convolution of the IRF.

2.2. Förster Resonance Energy Transfer (FRET) Technique

To estimate the FRET efficiency of the donor and hence to determine
the distance of the donor–acceptor pair, we followed the methodology
described in chapter 13 of Ref.[1]. The Förster distance (R0) is given by,

 
1

2 4 6
0 0.211 DR n Q J      ..(in Å), (1)

where 2 is a factor describing the relative orientation in space of the
transition dipoles of the donor and acceptor. We assumed that the
orientation factor 2 is equal to the dynamic average of 2/3 which is not
a major deviation from real fact of randomized donor and acceptor
orientations in an ensemble. Moreover, a variation of 2 does not seem
to have resulted in major errors in the calculated distances. The
refractive index (n) of the medium was assumed to be 1.4. J(), the
overlap integral, which expresses the degree of spectral overlap between
the donor emission and the acceptor absorption, is given by,
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where FD() is the fluorescence intensity of the donor in the
wavelength range of  to  +d and is dimensionless. () is the extinction
coefficient (in M–1cm–1) of the acceptor at . If  is in nm, then J is in
units of M–1cm–1nm4.

Once the value of R0 is known, the donor–acceptor distance (R) can
easily be calculated using the formula,
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 6 6
0 1 /R R E E    , (3)

here E is FRET efficiency, measured by using the lifetimes of the donor
in the absence (D) and presence DA of acceptor which is defined as,

1 ( / )DA DE    (4)

It has to be noted that eq. (4) holds rigorously only for a homogeneous
system (i.e. identical donor–acceptor complexes) in which the donor and
the donor–acceptor complex have single exponential decays. However,
for donor–acceptor systems decaying with multi–exponential lifetimes,
FRET efficiency (E) is calculated from the amplitude weighted lifetimes

i ii
    , where i is the relative amplitude contribution to the lifetime
i. We have used the amplitude weighted time constants for D and DA
to evaluate E using eq. (4).

3. TYPES OF BIO–NANOMATERIALS

3.1. Metallic Bio–Nanomaterials

3.1.1. Au@Protein bio–nanoconjugates and exploration of key
chemistry of the biomolecule2

This study involves the facile preparation of “green” Au nanoparticles
(NPs) in a number of protein solutions starting from globular proteins
to enzyme and finally protein mixture extracted from Escherichia Coli,
a gram negative bacterium, without the addition of any reducing agent.
The nucleation of NPs in the protein environments, which is the
consequence of electron transfer from protein to the metal ions, is
observed to be dependent on the melting temperature of the host protein.
However, time required to start the nucleation (induction time) is also
found to be protein–specific. Here, we have attempted to rationalize
the protein–assisted formation of NPs in a simple analytical model of
autocatalysis. This model is evolving under the impudence of two distinct
reactions. The first of these is the thermal denaturation of the protein
structure under thermal condition and the second one is reversible
autocatalytic process in which Au NP is the autocatalytic species (both
the product and catalyst for the reaction). The obtained nanoparticles
are characterized by ultraviolet–visible (UV–vis) absorption
spectroscopy, high–resolution transmission electron microscopy
(HRTEM). The change in the protein structure at various temperatures
has been followed by circular dichroism (CD) spectroscopy. We have
also demonstrated that the protein capped NPs can be utilized as an
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efficient catalyst for the degradation of 4–nitrophenylacetate (4–NPA)
using NaBH4 as the hydrogen donor. The reduction of 4–NPA to 4–
aminophenol is of industrial importance as 4–aminophenol is a
commercially important intermediate for the manufacture of analgesic
and antipyretic drugs. Although a number of researchers have
extensively studied, the catalytic reduction of 4–nitrophenol (4–NP) by
NaBH4 using polymer/resin bead–supported metal NPs,3–6 the synthesis
of protein capped Au NPs and the use of these NPs without any support
for this catalytic purpose has not been attempted earlier. The kinetics
of the catalysis is observed to follow Langmuir–Hinshelwood model of
surface mediated catalysis reaction.

Synthesis of Au@protein bio–nanoconjugates

The Au@protein bio–nanoconjugates were prepared by the following
procedure: 3 ml 20 µM protein solutions were prepared in 20 mM
phosphate buffer solution. Then 60 µl 100 mM HAuCl4 solution was
added so that protein–HAuCl4 ratio was maintained at 1:100. A detailed
temperature dependent study was performed starting from 30oC for
each mixture and it has been found that when the mixtures were heated
at 76oC, 75oC and 60oC for HSA, BSA and SC respectively then the
colors of the solutions were changed from light yellow to reddish brown.
Such colour transition is indicative of changes in the metal oxidation
state. In this case, Au (III) is reduced to Au (0) by protein in the
phosphate buffer solution. We have not observed any sign of NP
formation at room temperature for several days.

Figure 1a presents the TEM image of Au@HSA bio–nanoconjugates.
The image reveals that the bio–nanoconjugates are almost spherical in
shape and follow a uniform narrow size distribution. Particle sizes have
been estimated by fitting our experimental TEM data to be 3.1 nm (inset
in Fig 1a (right)). The corresponding HRTEM image of the particles is
shown in Fig. 1b. The interplanar distance of the fringes is measured to
be about 0.24 nm, consistent with the distance between the (111) planes
of the gold crystal lattice. The image in the inset of Fig. 1b represents
the corresponding selected area electron diffraction (SAED) pattern
which confirms the crystallinity of those particles. It has to be noted
that the average size of 3.1 nm Au NPs obtained in the Au@HSA NPs
solution, is also confirmed from TEM and absorption studies. Thus in
our experimental conditions, the possibility of formation of free larger
Au NPs of micrometre size (due to uncontrolled growth) is negligibly
small as they are not revealed in the TEM images of the sample. A
typical energy–dispersive X–ray (EDAX) spectrum of Au@HSA sample
is shown in the inset of Fig 1a (left) revealing the presence of Au. Fig. 1c
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presents the HRTEM image of Au@BSA bio–nanoconjugates and the
size distribution is shown as an inset of Fig. 1c.

It is well–known that the Au NPs of less than 10 nm exhibit a surface
plasmon (SP) band in the visible region (~530 nm)7. A change in
absorbance or wavelength of the SP band[8–10] provides a measure of
particle size, shape, concentration, and dielectric medium properties.
Fig. 2a shows the UV–vis spectra of the Au NPs conjugated with HSA,
BSA, SC and E. coli extract protein revealing surface plasmon bands
at 530 nm, 531 nm, 540 nm and 600 nm respectively. Fig. 2b shows
the UV–vis absorption spectra obtained at different time intervals after
mixing with aqueous AuCl4

– solution with HSA in phosphate buffer
at 76oC temperature. Formation of Au nanoparticles in the colloidal
solution was monitored from their absorption spectra as the small
noble metal particles reveal absorption band in the UV–vis spectral

Fig. 1: (a) HRTEM of Au@HSA bio–nanoconjugates. The EDAX pattern (left) and
the size distribution (right) of the sample are shown in the insets. (b) HRTEM
image and SAED showing the crystalline structure of Au@HSA NPs. (c)
HRTEM of Au@BSA bio–nanoconjugates. The size distribution of the sample
is shown in the inset.
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region due to surface plasmon resonance (SPR)11. The sharp absorption
band peaking at 530 nm indicates a relatively high monodispersity,
both in size and shape of the Au particles12, consistent with the HRTEM
images.

Long time stability of the Au NP in aqueous solutions (for several
months) indicates that the HSA serves as capping agent. In the case
of the other proteins, a similar trend was observed as that of the
HSA.

Fig. 2: (a) UV–vis spectra of Au NPs conjugated with various proteins, HSA, BSA,
SC and E. coli extract respectively. (b) Time–resolved UV–vis spectra for
one of the representative proteins (HSA) at 76°C.
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Kinetics of nanoparticle formation

In the case of the autocatalytic reactions, the modified protein–salt
conjugate serves as a substrate in reactions. The general mechanism of
the nanoparticle formation can be written as shown in the following
equations:

Nucleation: 1kEL FP  (slow) (5)

Growth: 2 2kEL FP FP   (fast) (6)

where, L represents the salt i.e., AuCl4
–, and E and F represent two

different forms of protein where F–form is more perturbed than E–form,
and k1 and k2 are the rate constants of the slow and fast step respectively.
Here, EL denotes the protein–salt conjugate and FP denotes the protein
nanoparticle conjugate. The corresponding rate equation (assuming first
order reaction) of the first step can be written as,

    1

0
(1 exp )k tFP EL   (7)

where, [EL]0 and [FP] are the concentration of the E–form of the
protein–salt conjugate at the initial time and the concentration of the
protein nanoparticle conjugate at time = t respectively.

Equation 6 is the autocatalytic step13. For this autocatalytic reaction
the concentration of the product can be written as,
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So, the total concentration of the protein capped nanoparticles is
obtained by the linear combination of equation (7) and equation (8) and
thus it can be written as:
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(9)

where, m and n denotes the contributions of the fast and slow step
respectively.

The evolution of the optical density at 530 nm and 540 nm are
presented for Au@HSA at 76oC and Au@SC at 60oC in Fig 3a and 3b



 51Bio–Nanomaterials: Understanding Key Biophysics and Their Applications

respectively. It is apparent that for Au@HSA the optical density
increases very slowly upto 120 min for HSA, indicating an induction
time (t0), then sharply increases and finally saturates at a constant
value which corresponds to a complete reduction stage. The induction
time became shorter when the concentration of protein is increased.
The most interesting information is the variation in induction period
(shown in Fig. 3d) from protein to protein with same concentration. We
assume that the size as well as the melting temperature is the
predominant factor for the induction period. The denaturation of protein
plays an important role in activating the reaction. From Fig. 3d, it is
clear that proteins having low melting temperature have small induction
time and vice versa. Second, based on the experimental results, we have
proposed an analytical model for the kinetics of the Au@protein system
which suggests that autocatalysis is involved for the synthesis process.
This model suggests that during the induction period, nucleations of
the NPs are slowly formed and can be considered as seeds. The formation
of these nucleations, or seeds, catalyzes the reduction processes and
thus in the next stage, seed–mediated nucleation and growth occur
simultaneously, and the number of particles rapidly increases as the
reaction progresses. Here, the strong capping property of the proteins
inhibits the nanoparticle growth, thus generating high monodispersity.
The solid lines in Fig. 3 refer to the fit of the experimental data with
equation (9) while Table 1 shows the fitting parameters. This model
gives a quantitative explanation of the kinetic data shown in Fig. 3 for
all the proteins. In particular, it explains the dependence of induction
time on the k1 i.e., higher the value of rate constant (k1), smaller the
induction time and vice versa. The autocatalytic rate constant (k2) as
revealed from Table 1, demonstrates that larger proteins (i.e., HSA or
BSA) are less active than smaller proteins (i.e., SC, CHT or E. coli
extract) for the growth of NPs. The overwhelming contribution of growth
step compared to that of the nucleation is clear from Table 1. In simple
autocatalytic reaction14 the overall rate is obtained by plotting ln[a/
(1–a)] vs time,

Table 1: List of the parameters obtained from the analytical model of particle formation

Protein k1 (min–1) k2(M
–1min–1) m (%) n (%)

HSA 1.245 × 10–4 0.015 0.91(91%) 0.09(9%)

SC 4.677 × 10–4 0.020 0.79(79%) 0.21(21%)

E. coli extract 3.178 × 10–1 3.488 0.72(72%) 0.28(28%)

where a = (O.D(t)/O.D())and O.D(t) and O.D() are the optical
densities at times t and , respectively. The rate constant (kobs) is
obtained from the slopes of these plots. In case of Au@HSA the value of
kobs is found to be 0.028 min–1.
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Catalytic reduction of 4–nitrophenyl acetate (4–NPA) by Au bio–
nanoconjugates

The catalytic reduction of 4–NPA by sodium borohydride onto the surface
of the Au NPs is presented as,

 3 2 6 4 2 4 6 7(4 ) 4AuNPCH CO C H NO NPA NaBH C H NO AP    (10)

In the present study, the obtained kinetic data of 4–NPA reduction
are fitted in a first–order rate equation as an excess of borohydride is
used compared to 4–NPA. The apparent rate constant (kapp) is assumed
to be proportional to the surface area (S) of the metal nanoparticles
present in the system[15–17].

Fig. 3: (a) Time course of absorbance at 530 nm during the formation of Au NPs by
HSA protein in phosphate buffer solution. (b) Similar curve at 540 nm by
using SC in phosphate buffer solution. The red lines are the theoretical curves
generated by using equation (9). Blue circles are the experimental data for
HSA and SC respectively. (c) Absorbance kinetics of the Au NPs formation
at 580 nm using E. coli extract as reducing agent. (d) Plot of induction time
for different proteins. In all the cases (except E. coli) the protein salt ratio
has been maintained to 1:100 where the protein concentration is fixed at 20
mM.
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The catalytic function of Au@protein bio–nanoconjugates is
substantiated by carrying out the reduction of aqueous 4–NPA, which
has a peak at 276 nm in the UV–visible spectrum (Fig. 4a curve I).
Addition of sodium borohydride to 4–NPA immediately results in a shift
in the peak to 400 nm with intensification of yellow colour of the solution
(Fig. 4a curve III) due to nitrophenolate ion formation. In the absence
of any catalyst, the peak at 400 nm remained unaltered even for two
days. Addition of Au@protein bio–nanoconjugates to the yellow colour
of the nitrophenolate ion solution immediately results the diminution
of 400 nm peak with intensification of a new peak at ~297 nm (Fig. 4a
curve II) because of the reduction of 4–nitrophenolate species to
4–aminophenol (4–AP). A control experiment with denatured proteins
devoid of gold nanoparticles did not provide any signature of 4–AP under
the same experimental condition. The generation of 4–AP confirms the

Fig. 4: (a) Absorption spectra of 4–NPA (I) in absence of NaBH4, (III) in presence of
NaBH4 at 0 min and (II) in presence of Au@protein bio–nanoconjugates.
Conditions: [4–NP–] = 5.5 × 10–5M; [Au NPs] = 2.2 × 10–7M; [NaBH4] = 0.1M.
(b) Concentration versus time plot (monitored at 400 nm) for 4–NPA reduction
by NaBH4. Conditions: [4–NP] = 5.5 × 10–5M; [NaBH4] = 0.1M. (c) Typical
time dependence of the absorption of 4–NPA at 400 nm. (d) Plot of apparent
rate constant (kapp) versus catalyst dose for 4–NPA reduction by NaBH4 in
the presence of Au@protein solution as catalyst. Conditions: [4–NP] = 5.5 ×
10–5M; [NaBH4] =0.1M.
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catalytic activity of the Au nanoparticles for the reduction of 4–
nitrophenolate in aqueous solution. Fig. 4b shows that after the addition
of Au nanoparticles the absorption peak at 400 nm gradually drops with
time. Fig. 4c shows the time dependence results obtained from the
reaction conducted at room temperature. This observation indicates that
after the addition of Au@protein bio–nanoconjugates, a certain period
of time was required for the 4–nitrophenolate to adsorb onto the
catalyst’s surface before the reaction could be initiated. Here we define
this period of time as the adsorption time or tads. After the adsorption
time, the reaction becomes stationary and follows first order rate law.
The apparent rate constant (kapp) is calculated from the linear slope of
the curve.

3.1.2. Silver (Ag) nanoclusters (NCs) covalently conjugated to
enzyme (CHT)[18]

This study represents the synthesis of luminescent silver NCs of 1 nm
average diameter using an enzyme, bovine pancreatic –chymotrypsin
(CHT). We obtain a well–dispersed, protein–conjugated silver NC that
remained stable indefinitely in solution without any aggregation or
deterioration of the spectral properties. The structural characterization
of CHT–conjugated Ag NCs was done using steady–state UV – vis
absorption/photoluminescence (PL) spectroscopy and high–resolution
transmission electron microscopy (HRTEM). A comparative study on
the enzymatic activity of the bio–nanoconjugates with the unbound
enzyme, under similar experimental conditions, was also done.
Picosecond–resolved Förster resonance energy transfer (FRET) from
a fluorescent probe at the enzymatic active site to the Ag NC in the
bio–nanoconjugates reveals the possible location of the metal cluster
in CHT.

Synthesis of Ag–CHT bio–nanoconjugates

The typical procedure for the synthesis of conjugated Ag NCs is as
follows: 10 mL of 100 µM CHT aqueous solution was prepared and
dialyzed exhaustively against Millipore water at 4°C. This was carefully
degassed with argon gas for 30 min. A freshly prepared AgNO3 solution
(100 mL of 100 µM) was then added to the above protein solution with
vigorous stirring under an argon blanket. A degassed aqueous NaBH4
solution (1 M) was then added to the above solution under vigorous
stirring. The final molar ratio of BH4

–: Ag+ in the aqueous solution was
maintained at 10:1. The reaction was allowed to proceed for 3 h, and
the final solution was dialyzed against water exhaustively to remove
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any excess of salts and NaBH4 left in the solution. The final dialyzed
solution was collected and stored at 4°C prior to analysis.

Figure 5 presents the HRTEM image of dialyzed sample of Ag–CHT
bio–nanoconjugates at 100 K magnification which reveals a uniform
size distribution of small spherical NCs. However, some of the
aggregated clusters can also be seen in the TEM image, which are likely
to have been formed in the original sample (i.e., NC sample before
dialysis) due to the presence of excess of NaBH4, which is known to
induce aggregation of nanoparticles[19]. A statistical analysis of ~200
small clusters (by hand) yields an average cluster size of ~1 nm and a
standard deviation of 0.2 nm.

Fig. 5: High–resolution transmission electron micrograph (HRTEM) of dialyzed
Ag–CHT bio–nanoconjugates.

Silver metal is known to have an intense plasmon absorption band
in the visible region[20]. Fig. 6 shows the UV – vis absorption spectrum
of Ag–CHT conjugates, which reveals a surface plasmon band located
at 413 nm. For the protein–bound Ag NCs, a prominent fluorescence is
observed at ~680 nm when excited at 500 nm (Fig. 6). The size
distribution of these silver nanoclusters was studied by exciting the
nanoclusters at various excitation wavelengths (from 475 to 550 nm),
which resulted in an insignificant shift in the emission maxima,
suggesting a narrow size distribution.

Luminescent Ag–CHT bio–nanoconjugates exhibiting resonance energy
transfer

The synthesized luminescent Ag nanocluster covalently attached to CHT
at a site away from catalytic center of the enzyme. We demonstrated
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that nontoxic Ag nanoclusters could work as an efficient energy acceptor
in FRET studies on biomolecules. Here we used 4–nitrophenyl
anthranilate (NPA, a fluorescent probe is known to bind at the enzymatic
active site[21]) as fluorescent energy donor.

The huge overlap between NPA–CHT emission and the absorption
of Ag–CHT nanocluster is expected to reveal inter–probe distance, when
they are in a close proximity (Fig. 7).

Fig. 7: Structure of –chymotrypsin depicting the catalytic triad (His57, Asp102
and Ser195), NPA chromophore binding site and luminescent Ag nanocluster
(covalentely attached at a site away from catalytic center).

Figure 8a reveals the significant spectral overlap between NPA–CHT
emission spectrum (donor, emission maximum at 428 nm) and Ag–CHT
excitation spectrum (acceptor, excitation maximum at 413 nm) that
favours the energy transfer from NPA to Ag in CHT. It has to be noted

Fig. 6: Steady–state UV–vis absorption and photoluminescence (PL) spectra of Ag–
CHT bio–nanoconjugates (excitation wavelength = 500 nm).
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that the absorption band of Ag–CHT bio-nanoconjugates remained same
even after the reconstitution process. As revealed from Fig. 8b the overall
steady–state emission intensity of the donor emission drastically
decreased in the presence of acceptor. Also, the faster decay of donor in
the presence of acceptor (Fig. 8c) as compared to that of the donor alone
confirms the energy transfer from NPA to Ag cluster in CHT. The
calculated donor to acceptor energy transfer efficiency from steady–state
and time–resolved studies are 97.5% and 60.7% respectively. The
estimated donor–acceptor distances from steady–state and time–resolved
experiments are 19.1 and 32.6 Å, respectively.

3.1.3. Superparamagnetic fluorescent nickel (Ni)–enzyme bio–
nanoconjugates[22]

In the present work, we have synthesized, for the first time, luminescent
and magnetic Ni NPs of 2.5 nm average diameters consisting of a single
material instead of a composite nanoparticle system using an enzyme,
bovine pancreatic –chymotrypsin (CHT). We obtain well–dispersed,
protein–nickel NPs that remain stable indefinitely in solution without
any aggregation or deterioration of the spectral properties. The
structural characterization of CHT encapsulated Ni NPs was done using
steady–state UV–VIS absorption/photoluminescence (PL) spectroscopy
and high resolution transmission electron microscopy (HRTEM). A
comparative study on the enzymatic activity of the bio–nanoconjugates
with the unbound enzyme, under similar experimental conditions, was
also done. Picosecond–resolved FRET from a fluorescent probe at the
enzymatic active site to the Ni NPs in the bio–nanoconjugates reveals
the possible location of the metal cluster in CHT.

We also explored the possibility of using the FRET to monitor various
temperature–induced unfolding states of the enzyme CHT. The
synthesis methodology followed here is simpler compared to those of
composite bifunctional NPs which may be extended further to Co, Fe
etc. The combination of fluorescent and magnetic properties in one
material would allow for visualization by fluorescence and manipulation
in magnetic fields and could potentially be exploited for biomedical
applications (e.g., magnetic separation, immunoassays, stem cell
tracking, and cancer metastasis monitoring using MRI, targeted drug
delivery and hyperthermia cancer treatment).

Synthesis and characterization of Ni–CHT bio–nanoconjugates

To synthesize Ni–CHT bio–nanoconjugates we have used nickel
(II) nitrate hexahydrate (Ni (NO3)2 6H2O) and employed similar
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Fig. 8: (a) Spectral overlap between the donor (NPA–CHT) emission and acceptor
(Ag–CHT) absorption. (b) Steady–state photoluminescence quenching of
NPA–CHT (donor) in the presence of acceptor (Ag–CHT bio–nanoconjugates).
The optical density of the samples at excitation and emission wavelengths
was 0.05 and 0.07, respectively. (c) Picosecond–resolved fluorescence
transients of donor (NPA–CHT) and donor–acceptor (NPA–Ag–CHT) complex.

procedure as we have followed during the synthesis of Ag–CHT
bio–nanoconjugates[18].

Figure 9a presents the TEM image of dialyzed sample of Ni–CHT
bio–nanoconjugates. The images reveal that the bio–nanoconjugates are
almost spherical in shape and follow a uniform size distribution. Particle
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sizes have been estimated by fitting our experimental data measured
from TEM image, with a log–normal size distribution. The size
distribution is shown in inset of Fig. 9a. The average size of the Ni
particles, as estimated from TEM image, has been found to be 2.5 nm.
The corresponding HRTEM image (Fig. 9b) confirms the crystallinity of
these NPs in their structure. The interplanar distance of fringes is
measured to about 0.218 nm, corresponding to the distance between
the (111) plane of nickel crystal lattice. Image in the inset of Fig. 9c
represents the corresponding Fast Fourier Transform (FFT) pattern. A
typical energy–dispersive X–ray (EDAX) spectrum of the dialyzed Ni–
CHT sample is shown in the Fig. 9c and demonstrates the presence of
Ni. Inset of Fig. 10b shows the UV–vis absorption spectrum of Ni–CHT

Fig. 9: (a) TEM image of as–prepared dialyzed Ni–CHT nanobiocomjugates. The
size distributions of the samples are shown in the inset. (b) A HRTEM image
showing the crystalline structure of Ni NPs. (c) EDAX spectrum of the Ni
NPs. FFT image of the Ni–CHT bio–nanoconjugates is shown in the inset.
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conjugates, which reveals a surface plasmon band located at 417 nm.
On the basis of Mie theory23 and its generalized versions[24,25],
information concerning Ni nanoparticle sizes can be derived from the
analysis of the absorption band. The Ni NPs exhibited fluorescence in
the visible region as shown in Fig. 10a. The photoluminescence of the
nanoparticles arises due to their molecule–like electronic structure.

The emission originates probably from the recombination of the
excited electrons from excited states in the sp band with the holes in
the low–lying d band (interband transition). Fluorescence decay of Ni
NPs was measured. Data obtained using a picosecond–resolved time–
correlated single–photon counting (TCSPC) technique is shown in Fig.
10b. Lifetime values of the NP were obtained by the numerical fitting of
the fluorescence at 500 nm. They are 0.12 ns (54.3%), 1.17 ns (17.4%)
and 4.34 ns (28.3%). The overall PL decay leads to an average life time
value of 1.49 ns. It is important to note that the excitation spectra of Ni
NPs shows peak centered at 320 nm and 360 nm (Fig. 10a). So, the

Fig. 10: (a) Excitation and emission spectra of Ni -CHT bio-nanoconjugate (b)
Fluorescence decay of the same (ex =375 Å) monitored at 500 nm. Absorbance
spectra of Ni–CHT bio–nanoconjugates is shown in the inset. IRF stands for
instrument response function.
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conclusion is that the SPR peak centered at 417 nm is not responsible
for the luminescence. It has been demonstrated previously[26] for spherical
NPs that the broadening of the plasmon with decreasing size in the
quantum size regime, d < 3 nm, in the case of both Au and Ag is rapid and
increases the absorbance of both UV and NIR regions relative to the plasmon
peak, whose height decreases. It is in fact well established that the surface
plasmon bandwidth is inversely proportional to the radius r of the particle
for sizes smaller than about 20 nm[27]. The increased broadening with
decreasing size enhances both the low– and high–energy absorbance of
the smallest clusters, causing the plasmon to be completely damped below
a size of d = 2.2 nm for Au but still observable at the size of d = 1.55 nm for
Ag[26]. In our case the emitting Ni-CHT bio-nanoconjugate are smaller than
the 2.5 nm and their SPR is not observable in the absorbance spectra due
to broadening as explained above.

Magnetic properties were studied by using standard zero–field–
cooling (ZFC) and field–cooling (FC) procedures and field–dependent
magnetization measurements. Measurements of the ZFC, FC
magnetization as a function of temperature was performed between 5
K and 300 K under an applied field of 100 Oe and the results are shown
in Fig. 11a. The ZFC/FC curve evidences a superparamagnetic behavior
above the blocking temperature TB = 13.2 K (Fig. 11b and c).

Structure and functional characterization of luminescent Ni–CHT bio–
nanoconjugates

It is well–known that the sodium borohydride induces cleavage of
disulfide bonds to sulfyhydryl groups in a protein and perhaps breaks
some of the peptide bonds also leading to its denaturation. Reconstitution
of a protein denotes the process of returning of a denatured protein to
its original structure and activity. In our experiment, CHT and Ni–
CHT conjugates were reconstituted by dialyzing each of them separately
against water of pH = 8.0–8.5 for 24 h in aerated conditions. Fig. 12
compares the CD spectra of reconstituted CHT, and reconstituted Ni–
CHT solutions. Native CHT displays CD features with minima at 202
and 232 nm, corresponding to the native secondary and tertiary
structure of the protein[28,29], respectively. It is found that there is a
slight loss of tertiary structure in the CD spectrum at 232 nm and ~ 3
nm shift of the minimum at 202 nm for both reconstituted CHT as well
as reconstituted Ni–CHT samples compared to the native CHT.
Quantification of the CD data through curve–fitting analysis revealed
that the conformation of the reconstituted Ni–CHT (19% helix) was
identical to that of the reconstituted CHT (19% helix), demonstrating a
small perturbation of the native structure of the protein (24% helix).
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Fig. 11: (a) ZFC and FC magnetization as a function of temperature measured at an
applied field of 100 Oe for the Ni–CHT bio–nanoconjugates. Inset: An
expanded view of the plot, clearly showing TB. (b) M–H plots of Ni NPs at 5
K (symbol: square) and 15 K (symbol: triangle) (c) M–H plot at 300 K of the
Ni NPs.

To prove that the Ni–bound CHT are still functional, we also carried
out the enzymatic activities of Ni–CHT and the results are shown in
the inset of Fig. 12. We find that the specific activity (in units/mg) of
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the reconstituted Ni–CHT complex was retarded by 2 times compared
to that of reconstituted CHT consistent with our previous studies[30,31]

on analogous systems (CdS–bound CHT and Ag–bound CHT). Our
observation also closely matches with the enzymatic activities performed
by Jordan et al.[29] for a similar system (CHT–Au–TCOOH; Au–TCOOH
being the gold–nanoparticle–capped tetra(ethylene glycol) carboxylate
ligands) where they observed a 3–fold decrease in the rate of CHT
complexed with AuTCOOH compared to CHT alone. The above
experimental observations may indicate that the nucleation and the
subsequent growth of Ni NPs in CHT could possibly take place at a site
that is away from the enzymatic active site of CHT. It has to be noted
that the attachment of 2.5 nm diameter NP to the active site of the
enzyme is expected to act as an inhibitor of CHT activity on the substrate
AAF–AMC (1 – 2 nm diameter) resulting in retardation of the enzymatic
activity by several orders of magnitude[32]. However, the moderate
retardation in the enzymatic activity of Ni–CHT complex as compared
to CHT alone could be the manifestation of the dynamical rigidity of
CHT upon attachment of a Ni NP.

Fig. 12: CD spectra of reconstituted CHT and reconstituted Ni–CHT bio–
nanoconjugates. Enzymatic activities of CHT and reconstituted Ni–CHT bio–
nanoconjugates on the substrate, AAF–AMC.

3.1.4. Copper quantum clusters in protein matrix[33]

The synthesis of Cu QCs by a simple one–pot chemical reduction method
by using a commercially available protein, bovine serum albumin (BSA)
has been established. It has been demonstrated that BSA can be used
as the model protein for the synthesis and stabilization of gold
nanoclusters[34]. The resulting Cu QCs were highly resistant to oxidation
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and exhibits photoluminescence and highly stable properties in a
colloidal dispersion. The as prepared blue emitting clusters were
assigned a molecular formula based on MALDI–MS. The as synthesised
quantum clusters were characterized thoroughly using various
spectroscopic and microscopic techniques (UV–vis, luminescence, TEM,
DLS, XPS, MALDI–TOF, TGA, and DSC). The effect of oxidizing agent
on the luminescence property of the cluster solution was probed. The
luminescence of the QCs was exploited as a selective sensor for the
detection of the toxic Pb2+ ion. The reason of quenching was found to be
aggregation manifested as revealed from our DLS study.

Synthesis and characterization of CuQC@BSA bio–nanoconjugates

In a typical experiment, aqueous CuSO4 solution (1 mL, 20 mM) was
added to BSA solution (5 mL, 15 mg/mL). The solution was stirred at
room temperature for 2–3 min and then NaOH solution was introduced
so that pH 12 is achieved. The color of the solution changed from blue to
violet within 2–5 min. Finally, the mixture was allowed to stir for 6 to 8
h at 55oC and the colour changes to light brown. It has to be noted that
formation of the Cu QCs at room temperature is possible; however, need
more time (48 h) compared to that at 55oC (6–8 h). It is crucial to know
the key parameters such as concentration, pH and temperature to obtain
a high concentration of Cu QCs. Hence, a series of control experiments
have been performed and these results indicate that luminescence
intensity was high for the reaction with 20 mM CuSO4 solution at pH ~
12. We have used these pH and concentration for synthesizing larger
amounts of clusters.

Although weak as compared to the 280 nm peak of pure BSA, a clear
absorption spectrum at 325 nm appears in the final solution (Fig. 13a).
In order to realize the origin of 325 nm peak, we have taken into account
any kind of oxidation product of the amino acids in protein. However, it
is well known that, all the aromatic amino acids have a characteristic
absorption peak  280 nm and a few tryptophan metabolites like
kynurenine, 3–hydroxykynurenine, N–formylkynurenine have an
absorption peak above 300 nm. Our earlier extensive studies confirmed
that kynurenine[35] and its derivatives[36] in proteins have a distinct
UV–vis peak at above 350 nm. The observed 325 nm absorption peak as
well as the emission maxima (see below) revealed in the present study
clearly rules out the possibility of any tryptophan metabolites rather
the formation of a new type of material in the protein environment. The
high–resolution transmission electron microscopy (HR–TEM) images
(Inset of Fig. 13a) showed that the average size is 2.8 ± 0.5 nm where
the crystal lattice fringes are 2.02 Å apart which indicates the (111)
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planes of the metallic Cu. This is not surprising because clusters may
fuse to form crystals in presence of strong electron beam irradiation[37].
Swelling of the protein size as revealed from dynamic light scattering
(DLS) measurement indicates the formation of new species inside the
protein having size about ~3 nm. Protein fragmentation as well as
enhancement of aggregation is also shown in Fig 13B. Recently, it has
been reported that fragmentation of protein can occur when pH of the
environment changes drastically[38]. It is also well established that
protein coordinates with copper ion to form aggregates[39].

Fig. 13: (a) UV–vis absorption spectra of BSA (red line) and CuQC@BSA solution (blue
line). Inset. HRTEM of Cu QCs after being exposed to the electron beam. (b)
DLS spectra of BSA (red) and CuQC@BSA (blue). All the parameters are
same in both cases.

XPS analysis is carried out to determine the oxidation state of copper
in the samples. Two intense peaks are observed at 932.3 and 952.0 eV
(Fig. 14b), which are assigned to 2p3/2 and 2p1/2 features of Cu (0). As–
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synthesized material has also been studied using matrix–assisted laser
desorption/ionization time of flight (MALDI–TOF) mass spectrometry
to understand the number of copper atoms in the cluster core. The
mass spectrum of BSA showed a major peak at around 66.4 Da due to
the mono–cation, which agrees with previous results on Ag15 clusters[40]

(Fig. 14c, Inset 1). Cu cluster containing BSA showed two distinct,
but low intensity peaks at m/z 66 723 and 67 228 kDa besides the
parent protein peak. The difference between the above peaks with the
host protein spectrum measured at pH 12 may be attributed to the 5
and 13 copper atoms respectively; we assign the clusters to be Cu5
and Cu13.

Fig. 14: (a) XPS survey spectrum of CuQC@BSA (black). (b) XPS spectrum in the Cu
2p region of CuQC@BSA. (c) MALDI–TOF mass spectra of BSA (red) and
CuQC@BSA (blue). The peaks due to singly, doubly and triply charged ions of
CuQC@BSA are expanded in the inset.
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The luminescence of CuQC@BSA revealing distinct excitation and
emission maxima at 325 and 410 nm, respectively is evident from Fig.
15a. The peak position (325 nm) of the excitation spectrum is almost
alike to the Cu QCs absorption band in Fig. 13A. Protein alone shows
insignificant emission upon 325 nm excitation at pH 12 confirming the
absence of emitting amino acid metabolites. The luminescence decay of
the CuQC@BSA in water is measured by a picosecond–resolved time–
correlated single–photon counting (TCSPC) technique (Inset of Fig. 15b).
The decay profile of the CuQC@BSA is monitored at an excitation
wavelength of 300 nm. The numerical fitting of the luminescence

Fig. 15: (a) Excitation and emission spectra of CuQC@BSA at room temperature (pink
and blue line). Inset contains the photographs of the CuQC@BSA under visible
light (I) and under UV light (II). (b) Far–UV circular dichroism (CD) spectra
of BSA (red) and CuQC@BSA (blue). Inset. Photoluminescence decay of
CuQC@BSA with instrument response function (IRF) ~ 60 ps. Standard error
of decay time components are ~ 5%.
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collected at 410 nm reveals time constants of 0.03 ns (78%), 0.71 ns
(15%) and 3.5 ns (7%), which may be due to the electronic transitions
between “sp” conduction band and filled “d10” band.

Toxic metal ion sensing application of CuQC@BSA bio–nano-conjugates

The luminescence of the as–prepared CuQC@BSA can be used as a
highly sensitive and selective luminescence “turn–off” sensor for the
Pb2+ ion. We found that the luminescence of Cu QCs is quenched in
the presence of Pb2+ ion. It can be seen from the Fig. 16a that more
and more quenching occurs with an increase in Pb2+ ion. Herein, we
have also carried out studies with other metal ions, such as Hg2+, Ca2+,
Co2+, Zn2+, Ni2+, Cd2+, Mg2+, Na+, and K+ under exactly similar
conditions that were used for the detection of Pb2+ ion. Chlorides and
nitrates of the metals are used. Metal ions are added to aqueous
solutions of the Cu QCs such that the final concentration was 200
ppm and the luminescence of the Cu QCs is measured immediately
after the addition of ions. However, no such quenching effect like that
of the Pb2+ ion is observed. The relative luminescence quenching of
CuQC@BSA toward various common metal ions is presented in Fig 16b.
This result suggests that our luminescent Cu QCs are selective for
Pb2+ detection. The luminescence quenching in the presence of Pb2+

can be attributed to the QC aggregation induced by the complexation
between BSA and the Pb2+ ion. BSA contains a high–affinity site for
Pb2+ ion; the binding involves carboxylate groups. To explore the
quenching mechanism, we have performed DLS measurement. It can
be seen from Fig. 16C that only Pb2+ ion can induce the protein–protein
interaction which leads to spherical aggregation of CuQC@BSA. We
have also checked the efficacy of Pb2+ ion detection in presence of other
metal ions (Hg2+, Ca2+, Co2+, Zn2+, Ni2+, Cd2+, Mg2+, Na+, and K+) of
similar concentrations.

3.2. Metal Oxide–Based Nanobiomaterials

3.2.1. Fabrication of manganite nanoparticles towards advanced
nanobiomaterials[41]

Herein, we report the functionalization of one of the most promising
manganite nanoparticles (NPs), La.67Sr.33MnO3 (called LSMO hereafter)
with biocompatible citrate ligand. The size selective solubilization of
the functionalized NPs in aqueous solution has also been demonstrated
from HRTEM. The UV–vis spectroscopic study on the functionalized
NPs shows an intense peak at visible region as a consequence of
electronic interaction of the citrate ligand with the surface atoms of the
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NPs. In our studies we have exploited the visible band of the
functionalized NPs in order to study the interaction of the NPs with
small biologically relevant ligands namely 2–Aminopurine (2AP) and
4–Nitrophenyl anthranilate (NPA). FRET of a covalently attached probe
4–Nitrophenyl anthranilate (NPA) with the capped NPs confirm the
attachment of the NPA ligands with the surface functional group
(–OH) of the citrate ligand. The FRET of a DNA base mimic, 2–
Aminopurine (2AP), with the NPs confirms the surface adsorption of
2AP. The FRET distances from the attached ligand to the host LSMO
NPs also confirm the existence of the isolated functionalized NPs in the
aqueous solution.

Functionalization of LSMO nanoparticles

We have synthesized the bulk LSMO nanoparticles following a reported
procedure where a modified sol–gel technique has been designed
especially for the preparation of complex oxide nanoparticles. The as
prepared LSMO nanoparticles were rendered water–soluble using the

Fig. 16: (a) Luminescence responses of CuQC@BSA after the addition of Pb2+ ion (0–
200 ppm). Inset: Plot of the luminescence peak intensity versus the
concentration of Pb2+ ion. (b) Selectivity of the CuQC@BSA to different metal
ions. The Luminescence intensities were recorded at 406 nm. For panel B,
the final metal ion concentrations are 200 ppm. (c) DLS spectra of CuQC@BSA
solution in absence (control) and presence of different metal ions.
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reactivity of carboxylate group of citrate with the Mn centre in LSMO,
by three hours of extensive mixing using the cyclo–mixer. The un–
reacted NPs were filtered out and a resulting greenish–yellow solution
was obtained, indicating successful functionalization.

To obtain direct evidence for the functionalization of LSMO NPs,
FTIR measurements were performed on both the as–prepared and
functionalized samples. The FTIR spectra of LSMO NPs, Citrate–LSMO
conjugates and tri–sodium citrate were shown in Fig. 17a. From FTIR
study it is evident that the COO– functional group/groups present in
citrate, covalently bonded to the NPs surface and the remaining polar
functional groups make the NPs water soluble. Moreover, as evident
from Fig. 17b the UV–vis spectrum of the citrate capped LSMO
represents a high intensity broad band centred at 430 nm along with a
smaller band centred at 742 nm.

Figure 18a represents the TEM image of the solubilized Citrate–
LSMO NPs. The image reveals that the solubilized NPs are almost
spherical in shape and follow a uniform size distribution. The average
sizes of the solubilized NPs are estimated from the TEM image has
been found to be 2.6 nm. The corresponding HRTEM image (upper inset
of Fig. 18a) confirms the crystallinity of the NPs in their structure. The
interplanar distance of the fringes is measured to be about 0.29 nm,
corresponding to the distance between (104) planes of the LSMO crystal
lattice. The selective area electron diffraction (SAED) pattern
simultaneously obtained from the TEM measurements (lower inset of
Fig. 18a) suggests single crystalline structure of Citrate–LSMO NPs.

Scheme 1: Functionalization of the manganite nanoparticles (NPs) with citrate
ligands is shown. Covalent attachment of the fluorescent probe NPA and
non–covalent adduction of one of DNA base mimics 2AP are also shown.
The efficient energy transfer (FRET) from the fluorescent ligands to the
NPs and corresponding donor–acceptor distances are also indicated.
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Fig. 17: (a) shows FTIR spectra of (I) pure tri–sodium citrate crystals, (II)
functionalized Citrate–LSMO and (III) as–prepared bulk LSMO, recorded
with a KBr pellet. (b) shows UV–vis spectra of citrate functionalized LSMO
NPs in solution.

Fig. 18: (a) TEM image of Citrate–LSMO NPs, upper inset shows a HRTEM image of
the crystalline structure of Citrate–LSMO NPs, lower inset shows the
selective area electron diffraction (SAED) pattern of the Citrate–LSMO NPs.
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Further conjugation of biomolecules with the functionalized Citrate–
LSMO NPs

The direct bonding of citrate ligands to the LSMO NPs surfaces ensured
that the overall size of the NPs remained small with a thin solubilizing
shell. The –OH and –COO–functional groups of Citrate–LSMO were
labelled covalently with 4–Nitrophenyl anthranilate (NPA)
chromophore42 and non–covalently with 2AP, respectively. In both cases
an efficient FRET occurs (Fig 19 and 20) between the donor (Citrate–
NPA, Citrate–2AP) and acceptor (Citrate–LSMO NPs). The overall
picture that is revealed from our studies is schematically shown in
Scheme 1.

Fig. 19: (a) shows the spectral overlap between donor (Citrate–NPA) emission and
acceptor (Citrate–LSMO) absorption, (b) shows quenching of the donors
excitation lifetime in the presence of the acceptor, inset shows steady–state
quenching of the donor emission. Excitation wavelength of 320 nm and 375
nm is used for steady – state and time resolved experiments respectfully.
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Fig. 20: (a) shows the spectral overlap between donor (Citrate–2AP) emission and
acceptor (Citrate–LSMO) absorption, (b) shows quenching of the donors
excitation lifetime in the presence of the acceptor, inset shows steady – state
quenching of the donor emission. Excitation wavelength of 300 nm is used
for both the experiments.

3.2.2. Emergence of multicolor photoluminescence in La0.67 Sr0.33
MnO3 (LSMO) nanoparticles upon biomolecular functio-
nalizaion

Herein, we report the emergence of multicolor photoluminescence in a
mixed valence manganite nanoparticle La0.67Sr0.33MnO3 (LSMO NP),
achieved through electronic structural modification of the nanoparticles
upon functionalization with a biocompatible organic ligand, sodium
tartrate. From UV–vis absorption, X–ray photoelectron spectroscopy
(XPS), time–resolved photoluminescence study and Raman spectroscopic
measurements it is revealed that ligand–to–metal charge transfer
transitions from highest occupied molecular orbital (HOMO, centered
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in tartrate ligand) to lowest unoccupied molecular orbital (LUMO,
centered in Mn3+/4+ of the NPs), and d–d transitions involving Jahn–
Teller sensitive Mn3+ ions in the NPs plays the central role behind the
origin of multiple photoluminescence from the ligand functionalized
LSMO NPs.

Fig. 21: Schematic presentation of the most likely events occurring when a photon
hits a tartrate functionalized LSMO NPs (T–LSMO): ligand–to–metal charge
transfer transitions from HOMO (centered in tartrate ligand) to LUMO
(centered in Mn3+/4+ of the NP), and d–d transitions involving Jahn–Teller
sensitive Mn3+ ions in the NP. Arrows show the transition involved upon
excitation by photon of different energy. Inset shows the photographs of T–
LSMO NPs under visible light (a) and under UV light (b).

Preparation of photoluminescent LSMO NPs

We have solubilized the as prepared LSMO NPs into water by using
the reactivity of hydroxyl (–OH) and carboxylate (COO–) groups of
tartrate. First, we prepared 6 mL of 0.5 M tartrate solution (pH~7) and
then 200 mg as prepared LSMO NPs was added to the solution followed
by 6 hours of extensive mixing by cyclo–mixer. Finally the non–
functionalized bigger sized NPs were filtered out (by a syringe filter of
0.22 mm diameter) and UV vis optical absorption of the resulting
greenish–yellow filtrate solution was measured.

Next, we increased the pH of the resulting greenish–yellow Tartrate–
LSMO solution from pH~7 to pH~12, by drop wise addition of NaOH.
The greenish–yellow color of the solution turns to yellowish–brown and
the resulting solution was heated at 70oC under vigorous stirring
condition for 8 hours. After eight hours the solution became highly
fluorescent.
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Characterization of tartrate functionalized LSMO NPs

Figure 22a illustrates the UV–vis absorption spectrum of as–prepared
LSMO, tartrate and T–LSMO NPs (at pH ~ 7). In case of T–LSMO, it
shows two peaks at 300 and 440 nm, a shoulder descending into lower
energies around 580 nm and a broad band at 758 nm. The peak at 300
nm could be assigned to one of the possible high energy charge–transfer,
ligand–to–metal charge transfer (LMCT) processes involving tartrate–
Mn3+/4+ interaction[43]. The other expected LMCT band[43] at around
385 nm has not been observed in the absorption spectrum presumably
because the band has been masked by the more intense 300 nm
absorption, however, is distinctly visible in the excitation spectrum at
around 372 nm (Fig. 22b). Other bands at 440, 580 and 758 nm are
reasonably attributed to d – d transitions of Mn3+ in T–LSMO NPs, as
the degeneracy of 5Eg ground state term of d4 (Mn3+) high–spin
octahedral environment, has been lifted by the Jahn – Teller effect,
that ultimately leads to a tentative assignment of the observed
bands to the transitions 5B1g  5Eg, 5B1g  5B2g and 5B1g  5A1g,
respectively 44,45 (Fig. 21). Reflection of the UV–vis absorption patterns
into the photoluminescence excitation spectra (shown in Fig. 22b) of
the sample has been expected and indeed observed. Which further
supports the assignment of the electronic excited states those give rise
to multicolour photoluminescence.

Fig. 22: (a) UV vis absorption spectrum of as–prepared LSMO, tartrate and tartrate–
LSMO NPs (in aqueous solution at pH~7). (b) Photoluminescence excitation
spectra of tartrate–LSMO NPs at different emission maximum (shown in
Fig. 23a) of 415, 470, 525 and 590 nm.

Figure 23a displays the normalized photoluminescence spectra of
T–LSMO NPs at room temperature. The four distinct emission bands
starting from blue to red region (maximum at 418, 470, 520 and 590
nm) of the spectrum, corresponding with four distinct excitation
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wavelengths (300, 375, 425 and 570 nm) are clearly observed. The
photoluminescence as shown in Fig. 23a may be assigned to originate
predominantly from the LMCT [tartrate  Mn3+/4+] excited states and
ligand field excited states of the metal (Mn3+) d orbitals.
Photoluminescence from either an intraligand or metal to ligand charge–
transfer (MLCT) excited states are considered unlikely. Photolum-
inescence quantum yields (QY) of the T–LSMO NPs at pH~12, were
obtained by using the comparative method of Williams et al.[46], which
involves the use of well characterized standard samples with known
QY values. Photoluminescence QY of 1 × 10–2 (for 415 nm PL), 4 × 10–3

(for 470 nm PL), 8 × 10–4 (for 520 nm PL) and 2.4 × 10–4 (for 590 nm PL)
were obtained relative to the standards 2–amino–purine (2AP), 42 , 6–
diamidino–2–phenylindole (DAPI), Hoechst (H33258) and ethidium
bromide (EtBr), respectively.

Fig. 23: a) Normalized steady–state photoluminescence spectra collected from
tartrate–LSMO NPs with four different excitation wavelengths of 300, 375,
425 and 570 nm at pH~7. b) Fluorescence microscopic images of tartrate–
LSMO NPs powder under irradiation of white light (bright field) and light of
three different wavelengths of 365, 436 and 546 nm. Scale bars in the figure
are of 500 µm. c) Picosecond–resolved photoluminescence decays transients
of tartrate–LSMO NPs in water measured at emission wavelengths of 415,
470 and 525 nm upon excitation with laser source of 300, 375 and 445 nm
wavelengths respectively.

Further insights into the nature of the photoluminescence can be
obtained by analyzing the luminescence lifetime decay transients of T–
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LSMO NPs in water, measured by picosecond–resolved time–correlated
single–photon counting (TCSPC) technique. Fig. 23c shows the
luminescence lifetime decay transients of the water soluble NPs at three
different emission wavelengths (415, 470 and 525 nm) corresponding
with three different laser excitation wavelengths (300, 375 and 445 nm)
respectively. Although the origin of 415 and 470 nm emission is from
the LMCT excited states, luminescence lifetime of 415 nm emission is
much longer (<> = 4.77 ns) than the 470 nm (<> = 0.84 ns) emission.
Substantial shortening in the luminescence lifetime of 470 nm emission
and its close resemblance with the 525 nm emission lifetime (<> = 0.64
ns, originates from ligand field excited states of the metal d orbital’s)
presumably due to enhanced radiative deactivation of the excited state
by the close proximity with metal d–d states[47].

In order to get supporting evidence regarding the origin of different
optical properties of T–LSMO NPs, XPS, Raman and FTIR analysis
have been carried out for LSMO NPs, before (as prepared NPs) and
after (T–LSMO) functionalization with sodium tartrate. From XPS
study it is observed that, upon functionalization with tartrate a partial
reduction of Mn3+ and Mn4+ centers in the NPs occur and resulting
the formation of Mn2+ ions, whereas, La3+ and Sr2+ centers remains
unaffected. Through Raman spectroscopic investigation we have
observed a perturbation of Mn3+–O–Mn4+ bond. As shown in Fig. 24a,
between the two characteristic peaks of LSMO NPs at 436 and 636
cm–1 (corresponding with A1g–like and B1g–like vibrational modes
involving Mn–O stretching vibration modes of MnO6 unit,
respectively)48, peak around 436 cm–1 completely disappeared and the
636 cm–1 peak becomes broadened (possibly due to mixing of tartrate
features) after their functionalization with tartrate. This
disappearance of A1g–like stretching vibration mode that represents
the extension and compression of Mn–O bond pairs and is directly
correlated with Jahn–Teller distortion, provides a strong basis for the
changes that occur at the level of MnO6 octahedra which provides the
physical basis for the change in the optical properties of the NPs upon
functionalization. Moreover, the direct bonding of tartrate ligands to
the surface of the LSMO NP has been confirmed by FTIR spectroscopy
(Fig. 24b). As shown in Fig. 24c, transmission electron microscopy
(TEM) revealed that T–LSMO NPs are nearly spherical in shape with
an average diameter of around 4 nm (Fig. 24d). The HRTEM image
(Fig. 24e) confirm the crystalline nature of the T–LSMO NPs having
interplanar distance of 0.267 nm, which corresponds to the (110) plane
of the crystal lattice.
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3.2.3. Understanding the key photophysical processes at the nano–
bio interface between Mn3O4 NPs and organic biomolecules[49]

Surface modification can have a significant influence on the materials
behavior at the nanoscale and can lead to nanostructures with novel
properties. Here, we demonstrate surface modification induced multiple
photoluminescence and room temperature ferromagnetic activation of
Mn3O4 NPs.

Fig. 24: a) Raman spectra of as–prepared LSMO NPs, tartrate–LSMO NPs and tartrate.
b) FTIR spectra of as prepared LSMO NPs, sodium tartrate and tartrate
functionalized LSMO (tartrate–LSMO) NPs, recorded with a KBr pellet. c) TEM
image of tartrate–LSMO NPs. d) Size distribution of the NPs in solution. e)
HRTEM image of the crystalline structure of tartrate–LSMO NPs.
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Employing a systematic variation of the ligands, their functional groups
and the structural position of the functional groups, we have identified
the necessary and sufficient structural requirement of the surface co–
ordinating ligands, to induce such unprecedented optical/magnetic
responses from the NPs. Using a multitude of spectroscopic techniques,
we have investigated the mechanistic insight behind this emergence of
multiple PL and it is revealed that, the presence of a –hydroxy
carboxylate moiety in the ligands is necessary to activate the Jahn–Teller
(J–T) splitting of Mn3+ ions on the NPs surface and the corresponding d
– d transitions along with ligand–to–metal charge transfer transitions
(LMCT, associated with Mn2+/3+–ligand interactions) plays the deciding
role. Whereas, the presence of a carboxylate group in the surface
coordinating ligands is sufficient to activate the room temperature
ferromagnetism of the NPs. Moreover, it has been observed that the
ligands induce smallest crystal field splitting energy (CFSE) resulted in
the strongest ferromagnetic activation of the NPs. Finally, the
functionalized material has been identified as an efficient catalyst for
the photo–degradation of a model cationic organic dye. Apart from the
fundamental scientific interest, these results represent a promising route
for the rational designing of Mn3O4 NPs adaptable to diverse applications.

Synthesis of Mn3O4 NPs

We have synthesized the bulk Mn3O4 nanoparticles following a reported
procedure where an ultrasonic–assisted approach has been used to
prepare colloidal Mn3O4 nanoparticles at normal temperature and
pressure without any additional surfactant or template[50].

Functionalization of as–prepared Mn3O4 NPs by different ligands to
prepare ligand functionalized–Mn3O4 NPs

In all cases, first we have prepared 0.5 M ligands solution in Milli–Q
(from Millipore) water. Then we have adjusted the pH of the solutions
at ~7 by addition of 1 (M) sodium hydroxide (NaOH) solution. In the
ligand solution of pH~7, we have added as–prepared Mn3O4 NPs
(approximately 100 mg powder Mn3O4 NPs in 5 mL ligand solution)
and followed by extensive mixing for 12 hours in a cyclo–mixer. Finally,
the non–functionalized bigger sized NPs were filtered out (by a syringe
filter of 0.22 mm diameter) and the resulting filtrated solutions were
used for our experiments. Functionalization of Mn3O4 NPs with small
organic ligands causes significant changes to their surface electronic
structures. Before intentional variation of the ligands, we have examined
the UV–vis electronic absorption pattern of the as–prepared Mn3O4 NPs
alone.
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Fig. 25: a–i represents the UV–vis absorption spectra of ligand functionalized–Mn3O4
NPs in aqueous solution at pH~7. Different combinations of ligand functional
groups have been employed in order to activate the Jahn–Teller (J–T) splitting
of Mn3+ ions in the NPs surface and to bring out optimal optical responses
from the functionalized NPs. (a) –OH (hydroxyl) group of glycerol (b) –OH
and –NH2 (hydroxyl and amine) groups of ethanol amine, (c) –NH2 group of
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However, it has no such characteristic absorption signature in the
UV–vis region. The absorption spectra recorded in Fig. 25 for ligand
functionalized Mn3O4 NPs exhibit distinct features depending upon the
types of ligand functional groups used. Fig. 25 a–f represent the
absorption spectra of functionalized Mn3O4 NPs where –OH (hydroxyl
group of glycerol), –OH and –NH2 (hydroxyl and amine groups of ethanol
amine), –NH2 (amine group of guanidine), –COO– (carboxylate group of
succinate), –COO– and –NH2 (carboxylate and amine groups of glycine),
and –COO– and –SH (carboxylate and thiol groups of thioglycolate)
functional groups of the ligands have been chosen to functionalize the
NPs. In all cases, a characteristic absorption band (marked by arrows)
between 300 and 360 nm has been observed. We assume that this high
energy absorption band is the result of the interaction between the ligand
functional group and the Mn2+/Mn3+ onto the NPs surface, therefore
assigned as LMCT band. However, inclusion of a –OH group at the 
position with respect to –COO– i.e. in case of lactate–Mn3O4 (Fig 25g),
the UV–vis absorption spectrum results distinctly different features at
the low energy region. Even more interestingly, on shifting the structural
position of the –OH group from  to  with respect to –COO–. i.e. in case
of serine–Mn3O4 (although serine contains a  NH2 group, however,
results of glycine–Mn3O4 could be considered as control study), those
low energy UV–vis bands vanishes. The observation clearly indicates
that the origin of distinct absorption features is a special case only for
–hydroxy carboxylate (like lactate) moiety containing ligand
functionalized Mn3O4 NPs. To further corroborate this phenomenon,
we have employed tartrate ligands, having two –hydroxy carboxylate
groups, as a caping ligand. Akin to lactate–Mn3O4, T–Mn3O4 possesses
LMCT band as well as distinct even more pronounced absorption
features at the low energy region. Thus, from the above investigation
we can infer that the presence of –hydroxy carboxylate moiety in the
surface coordinating ligand is necessary to activate the observed distinct
absorption features (detail identification of the absorption bands is
discussed later in the text). Upper insets of Fig. 25a–h represent high
resolution transmission electron microscopic (HRTEM) images of the

guanidine, (d) –COO– (carboxylate) group of succinate, (e) –COO– and –NH2
groups of glycine, (f) –COO– and –SH (carboxylate and thiol) groups of
thioglycolate, (g) –COO– and –OH (at  position) groups of lactate, (h) –
COO– and –OH (at  position) groups of serine and (i) –COO– and –OH (two
 hydroxyl groups) groups of tartrate have been used respectively, to
functionalize the as–prepared Mn3O4 NPs. Upper inset of Fig. a–h show the
corresponding HRTEM image of various ligand functionalized Mn3O4 NPs.
Photographs under visible (left) and UV light (right) of various ligand
functionalized Mn3O4 NPs have been shown in the lower inset.

Fig. 25: (Contd...)
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corresponding ligand functionalized Mn3O4 NPs showing their tentative
diameters within 3–5 nm. Lower insets of Fig. 25a–i represent the
photographs of various ligands functionalized Mn3O4 NPs under visible
(left) and under UV light (right), respectively. Considering the optical
responses obtained from T–Mn3O4 NPs as optimal, we have investigated
only T–Mn3O4 NPs in detail in order to gain insights of the origin of
these distinct absorption characteristics, bright PL under UV light and
also the effect of further surface modification.

TEM study has been carried out in order to characterize the water
soluble T–Mn3O4 NPs in details and also to substantiate the
functionalization process. As shown in Fig. 26a, T–Mn3O4 NPs have a
broad size distribution (1.5–5.5 nm) with an average diameter of 3.30 ±

Fig. 26: (a) TEM image of T–Mn3O4 NPs. Inset shows the selective area electron
diffraction (SAED) pattern of the T–Mn3O4 NPs. b) HRTEM image of the
crystalline structure of T–Mn3O4 NPs. c) Size distribution of the T–Mn3O4
NPs.

Particle diameter (nm)

F
re

qu
en

cy



 83Bio–Nanomaterials: Understanding Key Biophysics and Their Applications

0.14 nm (Fig. 26c) and nearly spherical in shape. The corresponding
HRTEM image (Fig 26b) confirms the crystallinity of the NPs. The
interplanar distance between the fringes is about 0.249 nm which
corresponds to the distance between (211) planes of Mn3O4 tetragonal
crystal lattice.

Photophysical processes at the interface between Mn3O4 NPs and
tartrate ligands

In Fig. 25i, the UV–vis absorption spectra of T–Mn3O4 NPs (at pH ~ 7)
exhibits two absorption peaks at 315 (shown in the inset) and 430 nm,
a shoulder descending into lower energies around 565 nm and a broad
band at 752 nm. The observed peak at 315 nm could be assigned to the
possible high energy LMCT processes involving tartrate–Mn2+/Mn3+

interactions[43]. Other bands at 430, 565 and 752 nm are attributed to
d–d transitions of Mn3+ in T–Mn3O4 NPs, as the degeneracy of 5Eg
ground state term of d4 (Mn3+) in high–spin octahedral environment
has been lifted by the J–T effect, that leads to the observed bands for
the transitions of 5B1g  5Eg, 5B1g  5B2g and 5B1g  5A1g,
respectively[44,51]. In case of as–prepared T–Mn3O4 NPs (at pH~7), LMCT
excited state has been observed to be strongly photoluminescent,
whereas, PL from d–d excited states have been found considerably week.
Thus, in order to make d–d excited states highly photoluminescent, we
have heat–treated as prepared T–Mn3O4 NPs at pH ~12 and 70oC for
12 hrs. As evident from Fig. 27a, the UV–vis absorption spectrum of
heat treated T–Mn3O4 NPs changes from the initial spectrum of T–
Mn3O4 NPs (Fig. 25i). Specifically, the peak at 430 nm and lower energy
shoulder at 565 nm (both originate due to d–d transitions involving
Mn3+) are significantly perturbed and blue shifted to 385 and 440 nm,
respectively. However, the LMCT band at 315 nm and another d–d band
at 758 nm remain almost unaffected. Inset of Fig. 27a shows the
fluorescence microscopic images of powder containing T–Mn3O4 NPs
(after treatment) under irradiation of white light (bright field, I) and
light of two different wavelengths (II–365 nm and III–436 nm),
respectively. Multi–colored PL arising from different excitation of the
NPs are clearly evident from the photographs. Fig. 27b shows the
normalized PL spectra of T–Mn3O4 NPs at room temperature and pH
~12. Multiple PL of T–Mn3O4 NPs starting from blue, cyan, green to
near–infrared region (PL maximum at 417, 473, 515 and 834 nm) of the
spectra against excitation at four different wavelengths (315, 370, 440
and 760 nm, respectively) are clearly evident from the figure. In the
excitation spectra (Fig. 27c) of T–Mn3O4 NPs at their respective PL
maxima, the observed peaks/bands have a direct correlation with the
absorption peaks/bands involving LMCT and d–d transitions (Fig. 27a).
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Thus, the PL as shown in Fig. 27b may be assigned to originate
predominantly from the LMCT [tartrate  Mn3+] excited states and
ligand field excited states of the metal (Mn3+) d orbitals. PL from either
an intraligand or metal to ligand charge–transfer (MLCT) excited states
are considered unlikely. In case of other ligand functionalized Mn3O4
NPs having solely LMCT absorption band e.g. succinate–Mn3O4, single
PL with a maximum around 410 nm has been observed.

Picosecond–resolved PL decay transients of T–Mn3O4 NPs have been
collected to further understand the origin of PL due to the
functionalization of the NPs. Fig. 27d represents the PL decay transients
of T–Mn3O4 NPs at three different PL maxima of 410, 470 and 515 nm
using three different excitation sources of 293, 375 and 445 nm
wavelengths, respectively. The observed differences in the excited–state
lifetime of T–Mn3O4 NPs at 410 nm PL compared to the lifetimes at 470

Fig. 27: a) UV–vis absorption spectrum of T–Mn3O4 NPs after treatment (at pH ~12
and 70°C for 12 hrs). Inset shows the fluorescence microscopic images of the
same under irradiation of white light (bright field, I) and light of two different
wavelengths 365 (II) and 436 (III) nm. Scale bars in the images are of 500
µm. b) Normalized steady–state PL spectra collected from T–Mn3O4 NPs
with four different excitation wavelengths of 315, 370, 440 and 760 nm at
pH~12. c) Excitation spectra of T–Mn3O4 NPs at different PL maxima of
410, 470, 515 and 834 nm. d) Picosecond–resolved PL transients of T–Mn3O4
NPs in water measured at emission wavelengths of 410, 470 and 515 nm
upon excitation with excitation source of 293, 375 and 445 nm wavelengths.



 85Bio–Nanomaterials: Understanding Key Biophysics and Their Applications

and 515 nm PL, suggest a difference in the origin of the PL. The average
lifetime () for 470 and 515 nm PL (upon excitation by 375 and 445 nm
sources, respectively) have been observed to be 1.13 and 0.78 ns
respectively, whereas, relatively longer  of 5.32 ns has been observed
for 410 nm PL (Table 2). Thus, the lifetime data and steady–state
measurements clearly suggest that LMCT excited states are responsible
for PL at 417 nm, whereas the J–T excited states lead to the PL maxima
at 470, 515 and 834 nm.

Table 2: Lifetime values of picosecond time–resolved PL transients of T–Mn3O4 NPs,
detected at various PL maxima upon excitation at different wavelengths.
The Values in parentheses represent the relative weight percentage of the
time components.

System Excitation Photolumin- 1 2 3 av
wavelength, escence peak, (ns) (ns) (ns) (ns)
ex (nm) em (nm)

T–Mn3 293 410 0.26 (11) 1.05 (29) 8.37 (60) 5.32

O4 NPs 293 470 0.54 (29) 1.43 (29) 8.20 (42) 4.04

375 470 0.43 (20) 1.16 (74) 3.09 (6) 1.13

375 515 0.18 (30) 1.06 (62) 3.93 (8) 1.03

445 515 0.18 (47) 0.87 (44) 3.58 (9) 0.78

Effect of surface modification on the magnetic  behaviour of
Mn3O4 NPs

To study the effect of surface bound ligands on the magnetic behaviour
of Mn3O4 NPs, we have characterized both as–prepared and ligand
functionalized NPs, where the nature of the surface ligands was varied
depending on their functional groups. Fig. 28 shows the applied field
dependent magnetization measurements (M–H curves) at room
temperature (300 K). M–H curve (inset of Fig. 28a) of as–prepared Mn3O4
NPs is linear with the applied field and has no hysteresis loop at 300 K,
indicating the paramagnetic behaviour of the nanocrystals, which is as
expected. However, at 300 K, the M–H curve of each ligand
functionalized–Mn3O4 NPs represents a distinctly different response of
magnetization compared to the as–prepared NPs. Clearly, each ligand
evokes different magnitude of ferromagnetism to the as–prepared Mn3O4
NPs upon functionalization. While the room temperature
ferromagnetism can be activated by functionalization with glycerol and
guanidine, it can be further enhanced by succinate and tartrate (Fig.
28a–d). Both succinate and tartrate functionalized Mn3O4 NPs show
well–defined hysteresis loop with saturation magnetization and coercive
field (HC) of around 2 × 10–3 emu/g and 105 Oe, respectively. According
to ligand field theory, transition metal ions having a larger d orbital
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splitting energy due to ligand coordination should have a smaller spin–
orbit coupling[52]. Any decrease in the spin–orbit coupling of surface
magnetic cations results a smaller surface magnetic anisotropy and
subsequently the coercivity of the NPs will be reduced[53]. It is also well
known that  donor ligands result in larger CFSE than  donors[52].
Among the four ligands used for magnetic measurements, glycerol
(having –OH group) and guanidine (–NH2) are in the class of  donor,
tartrate having both  donor (–OH) and  donor (–COO–) properties,
whereas, succinate (having only –COO–) is a  donor ligand[52]. Thus,
because of the higher CFSE, glycerol and guanidine functionalized
Mn3O4 NPs show no coercivity, however, tartrate and succinate
functionalized NPs show coercivity of 97.5 and 109 Oe, respectively.

Photocatalytic activity of the surface modified T–Mn3O4 NPs

Uses of Mn3O4 nanocrystals having different morphologies as a catalyst
for the degradation of cationic organic dye have been reported recently;
however, in all cases the degradation rate is very slow[54,55].

Fig. 28: Field dependent magnetization (M vs H) at room temperature (300 K) (a)
glycerol–Mn3O4, (b) guanidine–Mn3O4, (c) tartrate–Mn3O4 and (d) succinate–
Mn3O4 NPs. Inset shows the same for as–prepared Mn3O4 NPs. The distinct
hysteresis loop observed in case of c and d confirm ferromagnetic activation
of the NPs upon functionalization with carboxilate ligand.
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We have observed that our surface modified T–Mn3O4 NPs have
better photocatalytic activity towards a model cationic organic dye
(methylene blue) compared to other existing reports, thus, we infer that
the increased surface reactivity and PL of T–Mn3O4 NPs plays an
important role in enhancing the catalytic activity (Fig. 29).

Fig. 29: Plots of relative concentration (Ct/C0) versus time for the photodegradation
of MB (monitored at 660 nm) alone and in presence of T–Mn3O4 NPs, H2O2,
T–Mn3O4@H2O2 and T–Mn3O4@H2O2@EtOH, are shown.

3.3. Semiconductor–Based Nanobiomaterials

3.3.1. Protein–directed synthesis of nir–emitting, tunable HgS
quantum dots and their applications in metal–ion sensing[56]

Among many biological systems that could participate in bio–
mineralization and be incorporated into bio–nanomaterials, proteins
have been the subject of particular attention due to their nanoscale
dimensions, distinctive molecular structures and functionalities, and
their capability to control the size of inorganic crystals during nucleation
and growth to a remarkable degree due to their bulky nature. For
example, bovine serum albumin (BSA) and several other proteins have
been used to synthesize sub–nanometer sized luminescent metal
clusters[40,57–61]. Recently, aqueous, protein–driven synthesis of
transition metal–doped ZnS QDs has also been reported by Zhou et
al.[62] Akin to the bio–mineralization process, herein, we have developed
a facile approach to prepare water–soluble, highly stable NIR–
luminescent HgS QDs, which are protected and stabilized by the protein
matrix. We have also used the HgS QDs as fluorometric sensor for the
detection of Hg(II) and Cu(II) ions. Uses of the QDs in metal ion sensing
by exploiting their luminescence properties is not new and have been
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reported before[63,64]. The mechanisms of the luminescence quenching
involving inner–filter effects, non–radiative recombination pathways
and electron transfer processes have also been reported. However, the
quenching mechanisms addressing the specific interaction of detected
ions with the sensor QDs are sparse in the existing literature. The reason
for quenching relies on the metallophilic interaction between Hg(II)/
Cu(II) and Hg(II) present on the surface of the HgS QDs. We have used
time–resolved luminescence methods to study the mechanism of excited–
state reactivity which reveals that both Hg(II) and Cu(II) ion can reduce
the lifetime of the HgS QDs. After considering all kind of excited state
deactivation mechanisms, we have found that Dexter energy transfer is
the reason in case of Hg(II) ion induced quenching whereas photoinduced
electron transfer dominates in case of Cu(II) ion induced quenching. In
several control experiments, we have also ruled out other possibilities of
the quenching mechanisms including aggregation, FRET etc.

Synthesis and characterization of HgS–Protein bio–nanoconjugates

The process for synthesizing the HgS QDs is simple and involves two
steps (see experimental section for details). The various stages of
synthesis are shown in Scheme 2. In the first step, addition of mercury
nitrate solution to aqueous BSA causes the mercury ions to be
coordinated with the various functional groups of BSA such as –SH, –
NH, etc. The pH of the solution was adjusted to ~9 by the addition of
NaOH followed by vigorous stirring at room temperature. After 8–12
hrs the colour of the solution changes from colourless to pale yellow
intermediate which we have analyzed by Raman spectroscopy and found
it to be HgO@BSA. Photographs of the intermediate under UV and
visible light are shown in Scheme 2. In the last step, Na2S is added and
the color changes from pale yellow to light brown (Scheme 2) which
indicates the formation of HgS QDs.

Figure 30a illustrates the UV–vis absorption spectra of HgS@BSA
QDs. In particular, Fig. 30a gives the plot of the natural logarithm of
the Jacobian factor versus wavelength of the QDs, to show the features
more clearly. Well–defined absorption features are marked with arrows.
Three distinct excitonic absorption shoulders of the HgS QDs are found
at 473 (2.62), 546 (2.27) and 594 nm (2.09 eV), respectively which indicate
the presence of different size QDs. The band gaps calculated for UV
features at 2.62, 2.27, and 2.09 eV are 2.02, 1.94 and 1.90 eV, respectively,
which are very much blue shifted from the average band gap of bulk –
HgS (–0.2 to 0.5 eV)[65] due to high quantum confinement effect. Fig.
30b shows the luminescence profile of the as–prepared QDs. A clear
excitation maximum at 550 nm and luminescence peak at around 730
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Scheme 2: Schematic illustration of the synthesis of HgS QDs through the bio–
mineralization process mediated by BSA protein.

Fig. 30: (a) UV vis absorbance spectrum of HgS@BSA. (b) Excitation and emission
spectrum of HgS@BSA. Excitation spectrum is taken by monitoring at 730
nm. Luminescence spectrum is collected with 450 nm excitation.



90 Nanotechnology Vol. 11: Biomaterials

nm is evident from Fig. 30B. Note that, similar to the absorption
spectrum, the luminescence spectrum is also broad and can be fitted
into three different peaks having maxima at 680 (1.82), 733 (1.69) and
803 nm (1.54 eV). Photographs of QDs under UV and visible radiations
are shown in Scheme 2.

By varying the experimental conditions, e.g., Hg/S ratio we have
achieved the variation of QDs diameter, resulting the tunability of their
luminescence (Fig. 31a). As shown in Fig. 31b, a variation of excitation
peak maxima is clearly observed, pointing to the presence of QDs having
different sizes. In photoluminescence spectra the peak maxima varied
from 680–800 nm which corresponds to a QD diameter from 4–10 nm
according to our DLS results (Fig. 31c).

Fig. 31: Normalized spectra. (a). Luminescence, (b) excitation and (c) dynamic light
scattering spectra for HgS@BSA QDs with different Hg/S molar ratio.

A high–resolution transmission electron microscopy (HR–TEM)
image confirmed the presence of nearly spherical nanocrystals having
a size of 3.8 ± 0.2 nm (Fig. 32a). As shown in Fig. 32b, characteristic
hydrodynamic diameter of BSA is shifted from 5.6 (±0.6) nm to 9.3 (±0.6)
nm in DLS after the formation of HgS QDs. This observation is consistent
with the fact that QDs are formed within the protein matrix. Again, the
size obtained from the TEM study is roughly comparable to the swelling
of the protein size (~4.4 ± 0.6 nm), as revealed from our DLS
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measurements. HR–TEM image of the HgS QDs is shown in Fig. 32c.
The distance between two adjacent planes is 0.29 nm, corresponding to
the (200) lattice plane of cubic –HgS. Fig. 32D demonstrates the EDAX
spectrum of the HgS@BSA. SEM image of the HgS@BSA and EDAX
maps using C K, O K, S K, Hg L and Na K are shown in the inset of
Fig. 32d.

Fig. 32: (a) Typical TEM images of HgS QDs. The size distribution of HgS@BSA is
shown in the inset. (b) Dynamic light scattering spectra of BSA (black) and
HgS@BSA in aquous solution at pH~9. The swelling of the protein size by
4.4 nm has also been assigned. (c) High–resolution TEM micrograph of HgS
QDs. SAED pattern in an area including HgS QDs is shown in the inset. (d)
EDAX spectrum collected from HgS@BSA. Inset showing the SEM image of
the HgS@BSA sample from which the EDAX spectrum was taken. EDAX
maps using C K, O K, S K, Hg L and Na K are also shown in the inset.

Metal ion sensing application of HgS@BSA bio–nanoconjugates

The optical responses of HgS QDs towards metal ions such as Hg(II),
Ca(II), Cu(II), Co(II), Zn(II), Ni(II), Cd(II), Mg(II), Na(I), and K(I) have
been investigated. Among these ions, only Cu(II) and Hg(II) can quench
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the luminescence of the as–prepared HgS QDs. Fig. 33 demonstrates
the high optical selectivity and sensitivity towards Cu(II) and Hg(II)
over the other biologically relevant metal ions and could be seen with
naked eye (Fig 33, lower panel). The mechanism to be proposed below is
due to the following reasons: A number of sulphur and Hg(II) (having
5d106s0 electronic configuration) are present on the surface of the HgS
QDs. Addition of metal ion to the HgS QD solution therefore generates
two possibilities: either it will interact with sulphur or mercury.
Moreover, sulphur has an affinity towards other metal ions including
Hg(II), Cu(II), Zn(II) and Cd(II). Thus, if quenching of the luminescence
of QDs occurs through the interaction with sulphur, then the all the
above mentioned metal ions are expected to reduce the luminescence of
HgS@BSA. However, almost insignificant change in the QDs
luminescence spectrum with Zn(II) and Cd(II) as revealed from Fig. 33,
clearly rules out the possibility of luminescence quenching through the
interaction with sulphur. Recent theoretical studies suggest that metal
centres with a d10 electronic configuration have a strong affinity towards
other closed shell metal ions with similar electronic configuration[66].
In particular, this phenomenon associated with strong d10–d10

interaction is known as metallophilic interaction[67]. This interaction
originates due to dispersive forces which are further augmented by
relativistic effects[67]. In the case of mercury ion (5d106s0), a number of
examples of such interactions are present in the literature, even in
absence of protecting ligands[57,58,68]. Our study suggests that
luminescence quenching of HgS QDs in presence of Hg(II) is due to the
same 5d10–5d10 metallophilic interaction. In case of Cu(II), luminescence
quenching could occur through 5d10–3d10 metallophilic interaction as
in the protein environment Cu(II) is reduced to Cu(I)69 (See Ref.[56] for
details mechanistic insight behind the metal ion sensing).

3.3.2. Direct conjugation of CdS nanocrystals to a globular
protein[70]

In the present study, we have used a mild reducing agent TCEP (tris
(2–carboxyethyl) phosphine hydrochloride) to reduce specifically the
solvent exposed disulfide bonds of a transporter protein human serum
albumin (HSA) at pH 4.5. Semiconductor nanocrystal CdS has been
grown amid the reduced disulfide linkage of the protein. The whole
reaction has been carried out under an inert argon environment.

Moderate retardation of the enzymatic activity and insignificant
perturbation of structural integrity of the enzyme upon attachment of
the CdS nanocrystals reveal the merit of the covalent synthesis to probe
the functionality of a protein in a physiological environment. Here, the
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covalently bound CdS quantum dot has been employed for the first time
as an optical Förster resonance energy transfer (FRET) probe for the
detection of protein–folding intermediates.

Characterization of the synthesized CdS–HSA bio–nanoconjugates

The covalent binding of CdS to HSA is confirmed by matrix assisted
laser desorption ionization (MALDI)–mass spectrometry analysis (Fig.
34a). A peak at 66809.86 Da corresponding to the molecular mass of
unlabeled HSA shifts to 67888.38 Da for the CdS–labeled HSA. The
increase of the mass of HSA–CdS nanocomposites of 1078.52 Da is
equivalent to 7.5 CdS (formula weight 144) molecules (15 atoms) in the
nanocrystal conjugated to HSA. Theoretical estimation of the diameter
of the CdS nanocrystals of 15 atoms reveals a value of ~1 nm on
considering the crystal structure to be wurzite. The absorption spectrum
of HSA–CdS exhibits a band ~370 nm (Fig. 34b), which indicates the
presence of a quantized state of CdS nanoparticles. The blue–shifted
absorption band with respect to the bulk CdS (~515 nm) is indicative of
quantum confinement effect in the nanoparticles. The particle diameter
and band gap are estimated to be 1.26 nm and 3.38 eV, respectively.

Fig. 33: Upper panel. Selectivity of the HgS@BSA to different metal ions. The
luminescence intensities are recorded at 730 nm. For all cases, the final
metal ion concentrations are 50 ppm. Dotted line refers to see the change of
luminescence with respect to the control one. Lower panel. Photographs of
the HgS@BSA solution under UV light after addition of 50 ppm of various
metal ions.
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Fig. 34: (a) MALDI–mass spectrum of HSA and CdS labeled HSA (b) UV vis absorption
and photoluminescence spectra of CdS in HSA–CdS (c) Picosecond–resolved
photoluminescence transient of CdS in HSA (excitation wavelength 375 nm
and detection wavelength 510 nm).

The observed photoluminescence band (Fig. 34b) centered at 528 nm is
attributed to the recombination of charge carriers within surface states,
which is also observed in the picosecond–resolved fluorescence transients
(Fig. 34c). The quantum yield of HSA–CdS at 25°C is 0.49.
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Resonance energy transfer from an intrinsic fluorescent amino acid Trp214
to the covalently attached CdS quantum dot

The eficiency of the intrinsic Trp214 in the globular transporter protein
HSA as energy donor in FRET experiments has already been established
in previous studies. Hence we concentrated on the dynamics of the FRET
of Trp214 to a covalently attached cadmium sulfide (CdS) semiconductor
QDs. The covalent binding of CdS to HSA is confirmed by Matrix assisted
laser desorption ionization (MALDI)–mass spectrometry analysis. Fig.
35a shows the spectral overlap of the tryptophan emission (donor,
emission maximum at 332 nm) and CdS excitation (acceptor, excitation
spectrum maximum at 370 nm) in HSA at room temperature. The

Fig. 35: (a) Spectral overlap between the donor (tryptophan in HSA, Trp214) emission
and acceptor (CdS tagged with HSA) excitation (b) Picosecond–resolved
fluorescence transients of Trp214 in HSA (excitation wavelength 299 nm
and detection wavelength 360 nm) in absence and presence of CdS quantum
dots in aqueous solution.
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quenching of donor emission is evident from the faster lifetime (excitation
source = 299 nm) associated with donor–acceptor pair (HSA labeled
with CdS nanocrystal) compared to that in the donor alone (unlabeled
HSA) (Fig. 35b).

The average D–A distance at room temperature is found to be 26.1
Å. The measured distance indicates that the possible locations of CdS
are close to either Cys316–Cys361 (distance from Trp214 = 27.4 Å) or
Cys360–Cys369 (distance from Trp214 = 27.5 Å) which are in subdomain
IIB and significantly exposed to the solvent environment[71], as indicated
by A and B sites of (Scheme 3).

3.3.3. Multifunctional enzyme–capped ZnS bio–nanocomposites[72]

The design of synthetic nanoparticles (NPs) capable of recognizing given
chemical entities in a specific and predictable manner is of great
fundamental and practical importance. Herein, we report a simple, fast,
water soluble and green phosphine free colloidal synthesis route for the
preparation of multifunctional enzyme–capped ZnS bio–nanocomposites
(BNCs) with/without paramagnetic–ion doping.

Scheme 3: Three dimensional structure of HSA is presented. The location of
Tryptophan 214 (Trp) is indicated. The possible sites for CdS attachment,
site A and site B essentially indicate the positions of the Cys316–Cys361
and Cys360–Cys369 disulfide bonds respectively. Nucleation of the
nanocrystal is likely to occur in the site A (see text). The solvent accessible
surface area (SASA) of site A is also shown. Ball–stick models are used
to indicate other disulfide bonds of the protein. The coordinates of HSA
structure is downloaded from protein data bank (PDB code 1UOR) and
processed with WebLab Viewer Lite program.
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The enzymes –Chymotrypsin (CHT), associated with the NPs, are
demonstrated as an effectual host for organic dye Methylene Blue (MB)
revealing the molecular recognition of such dye molecules by the BNCs.
An effective hosting of MB in the close proximity of ZnS NPs (with ~3
nm size) leads to photocatalysis of the dyes which has further been
investigated with doped–semiconductors. The NP–associated enzyme
–CHT is found to be active towards a substrate (Ala–Ala–Phe–7–
amido–4–methyl–coumarin), hence leads to significant enzyme catalysis.
Irradiation induced luminescence enhancement (IILE) measurements
on the BNCs clearly interpret the role of surface capping agents which
protect against deep UV damaging of ZnS NPs.

Synthesis of CHT encapsulated ZnS bio–nanocomposites

The ZnS:Mn NPs were prepared by following general procedure modified
from the reported literature[73–78]. Briefly, 50 ml of 0.2 M L–Cys and 50
ml of 40 µM CHT were taken into two different three–necked flasks
and 200 µM NaBH4 was added in argon atmosphere with continuous
stirring for 45 minutes. In the next step, 5 ml of 0.1 M [Zn(OAc)2.2H2O]
were added into a three–necked flask. The mixed solution was adjusted
to pH 11.0 with 2M NaOH and stirred under dry argon at room
temperature for 30 min, and subsequently, 1.5 ml of 0.01 M
[Mn(OAc)2.4H2O] was added into the above mixture and stirred for 20
min. 5 ml of 0.1 M deoxygenated Na2S was injected into the solution
quickly. The mixture was stirred for another 30 min, and then the
solution was incubated at 50oC under air for 2 h in order to synthesize
Cys and enzyme (CHT)–capped Mn–doped ZnS NPs. Finally, the
colloidal NPs were dialysed against pure water for 4 h and 24 h for
Cys–Zns:Mn and CHT–ZnS:Mn, respectively, at 4oC. The Cys–Zns and
CHT–ZnS samples were prepared by using the above procedure except
the addition of [Mn(OAc)2.4H2O]. The overall synthesis process is shown
in Scheme 4.

Scheme 4: Synthetic strategy of enzyme mediated Mn–doped ZnS BNCs.
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Characterization of the nano–biocomposite

Figure 36 shows a set of transmission electron microscopic (TEM) images
of CHT and Cys–capped, with/without Mn2+ doped ZnS NPs which show
well–separated NPs in the system. It has to be noted that the shape of
the NPs in the protein matrix is relatively quasi–spherical compared to
that of the Cys–capped NPs. The observation could be consistent with
the fact that the NPs in the protein matrix are associated with a number
of sulphur containing Cys residues from various locations of a protein
which essentially direct the shape of the NPs to be quasi–spherical. On
the other hand, plenty of free Cys residues in the solution for the Cys–
capped NPs lead to uniform growth of the NPs and make the shape to
be spherical. The corresponding high resolution TEM (HRTEM) images
(right insets, Fig. 36a–d) clearly demonstrates lattice fringes with an
observed d–spacing of ~0.31 nm and ~0.23 nm for CHT and Cys–capped
NPs, which are in good agreement with the high–crystallinity in the
materials with wurzite and zinc–blande structures, respectively[79]. The
particle size distributions (left insets, Fig. 36b, d) provide average
diameter of 3 nm and 2.8 nm for the CHT and Cys–capped NPs,
respectively. It is noticeable that CHT–capped NPs are fairly
monodispersed in the protein matrix while for Cys–Zns:Mn, some of
the particles are agglomerated up to 10 nm. Owing to the amino group
capping on the surface, all the BNCs were steadily dispersed in water
to form an optically transparent solution (Fig. 36e). Further confirmation
of the composition and the crystal structure of as–prepared NPs are
also evident from EDAX and SAED analysis. EDAX analysis (Fig. 36f)
of the CHT–capped NPs reveals the incorporation of Mn with atomic
contribution of 0.2% as dopant. A detailed analysis of SAED pattern
(Fig. 36g) of CHT–capped NPs exhibits a cubic structure with distinct
rings consistent with (311), (220), and (111) planes. On the other hand,
analysis of SAED pattern (Fig. 36h) of Cys–capped NPs reveals a cubic
structure with (311), (220), (111) and (102) distinguishable planes. The
observation suggests that the crystal of Cys–ZnS:Mn NPs exist in the
mixed form of cubic and hexagonal structure[79].

We show the optical characterization of these BNC samples in terms
of UV–visible absorption spectra and fluorescence spectra in Fig. 37.
The UV–vis absorption spectra (Fig. 37a, b) show distinct absorption–
edge at 320 nm for all the Cys and CHT–capped samples, respectively.
Effective mass approximation80 for the estimation of particle size from
the shoulder of the absorption spectra of all samples at 320 nm reveals
relatively larger particle size (5.3 nm) compared to that observed in the
TEM image. The discrepancy could be due to the quasi–broad particle
size distribution as evidenced in the TEM studies. It has also been shown
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earlier that UV–vis spectroscopy essentially reveals larger particles of
samples containing multiple particle size distribution[81,82].

The room temperature PL spectra (Fig. 37a, b) of doped and undoped
ZnS NPs have been recorded at an excitation wavelength of 300 nm
(4.13 eV). As shown in Fig. 37b, Cys–capped undoped ZnS NPs show
one broad emission band centered at ~420 nm, which is attributed to
defect–state recombinations, possibly at the surface. Since, an excess of

Fig. 36: Transmission electron microscopy (TEM) and high–resolution TEM images
(inset) of (a) CHT–ZnS, (b) CHT–ZnS:Mn, (c) Cys–ZnS, (d) Cys–ZnS:Mn NPs.
Inset left of Fig. (b) and (d) represent the size distribution analysis of CHT–ZnS
NPs and Cys–ZnS:Mn NPs, respectively. Inset right of Fig. (b) and (d) represent
the size distribution analysis of CHT–ZnS NPs and Cys–ZnS:Mn NPs,
respectively. (e) Optically transparent solution of CHT–ZnS:Mn BNCs under
daylight, (f) Energy–dispersive X–ray spectroscopy (EDAX) analysis and atomic
percentages elements, (g) and (h) represent selected area electron diffraction
(SAED) analysis of CHT–ZnS and CHT–ZnS:Mn BNCs, respectively.
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the cations have been used in the synthesis procedure, we expect sulphur
vacancies at the surface giving rise to Zn dangling bonds that form
shallow donor levels. Thus, the recombination is mainly between these
shallow donor levels and the valence band. Becker et al. reported that
S2– vacancies even in bulk ZnS lead to emission at 428 nm[83]. Upon Mn
incorporation in nanocrystal samples, blue ZnS emission is quenched
whereas an orange emission band develops at ~590 nm (Fig. 37b),
corresponding to the spin forbidden 4T1–

6A1 Mn d–d transition in a
tetrahedral site[84–86]. The insets of Fig. 37a, b show PL photographs
from the undoped (blue) and doped (orange) solutions upon 300 nm
excitation. In the CHT–capped BNCs, NP associated proteins show a

Fig. 37: (a) The optical absorption and steady–state emission spectra of (a) CHT–
ZnS and CHT–ZnS:Mn BNCs and (b) Cys–ZnS, Cys–ZnS:Mn NPs,
respectively. Inset of (a) and (b) shows PL photos of the corresponding
solutions upon 300 nm excitation. (c) The picosecond–resolved fluorescence
transients of Cys–ZnS and Cys–ZnS:Mn NPs (excitation at 300 nm) collected
at 420 nm and inset shows fluorescence transient of Cys–ZnS:Mn NPs
collected at 590 nm. (d) The picosecond–resolved fluorescence transients of
CHT–ZnS:Mn NPs (excitation at 375 nm) collected at 460 nm (to avoid Raman
scattering) and 590 nm. Inset shows PL spectra upon 375 nm excitation. A
star sign represents the appearance of Raman scattering upon 375 nm
excitation.
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strong emission band centered at 367 nm (Fig. 37a), which possibly
augments ZnS PL band at 420 nm[87]. In the picosecond–resolved
emission study (Fig. 37c), the excited state population of charge carriers
in Cys–ZnS:Mn NPs are monitored at 420 nm followed by excitation at
300 nm. It is to be noted that Cys–ZnS and Cys–ZnS:Mn sample solutions
show almost same decay pattern (time constants) when both the decays
are monitored at 420 nm. This phenomenon reveals that the ZnS PL
quenching upon Mn–doping is either static in nature or may be too fast
to be resolved in our TCSPC instrument with IRF of 60 ps. Inset of Fig.
37c shows the time–resolved PL decay of Cys–ZnS:Mn NPs monitored
at 590 nm. The PL transient is not completed in our experimental time
window revealing higher values of time constants which are reported
to be 1–2 ms in previous studies[88,89]. Such a long lifetime makes the
luminescence from the NPs readily distinguishable from the background
luminescence from ZnS, which has a very short lifetime. On the other
hand, in the cases of CHT–ZnS and CHT–ZnS:Mn BNCs, the strong
emission from the protein essentially masks the ZnS emission and show
characteristic decay of the intrinsic tryptophan residues of the protein
in the picosecond–resolved transients at 420 nm. However, it is to be
noted that CHT–ZnS:Mn samples show almost same decay pattern when
detected at 590 nm and as a consequence, these advantages make
them ideal candidates as fluorescence labelling agents, especially in
biology[82].

Upon below band–edge excitation (with 375 nm i.e. 3.3 eV), no Mn
emission peak is noticeable in the doped NPs (Fig. 37d, inset). The
picosecond–resolved fluorescence decays (excitation at 375 nm)
monitored at 460 (to avoid Raman scattering at 428 nm) and 590 nm
are shown in Fig. 37d which exhibits similar time constants of ZnS.
The observation suggests that the below band–gap excitation is not
sufficient to excite the doped material (Mn) via energy transfer from
host’s conduction band to Mn state[82]. Considering that the excitation
process generates an electron–hole pair across the band gap (3.9 eV) of
the ZnS nanocrystal host, the present results make it obvious that there
is a more efficient excitonic energy transfer from the host to the doped
Mn site compared to that of the defect states in these materials; revealing
a strong coupling between the Mn d levels and the host states[90]. The
energy transfer is unlikely to occur directly from the semiconductor
trap (defect) states to the low–lying Mn d–states. This observation
demonstrates that the trap states are not in a direct coupling with the
Mn d–states and Mn–doping do not affect the trap state lifetimes of the
excited state electrons at the host ZnS surface. Details of the
spectroscopic parameters and the fitting parameters of the PL decays
are tabulated in Table 3.
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Photocatalytic activity of the nano–biocomposite

To investigate the efficacy of the host protein matrix in promoting
photogenerated charges from ZnS NP to a surface adsorbed molecule,
we have performed photocatalysis of an organic dye methylene blue
(MB, purchased from Carlo Erba). Bulk ZnS semiconductor with a large
band gap (3.6 eV) produces electron–hole pairs under UV light that
initiates the formation of surface radicals capable of oxidizing adsorbed
organic and biological pollutants[91,92]. In this work, photocatalytic
activity was quantified by carrying out photoreduction of a test
contaminant MB (Fig. 38a), which is known to be an excellent probe for
the study of interfacial electron transfer in colloidal semiconductor
systems[93,94]. It is obvious that higher the charge migration from the
surface of the ZnS semiconductor, the faster will be the degradation of
the surface–attached MB. Under selective UV radiation, we have
recorded the absorption peak of MB (at 655 nm) at 90 sec intervals,
using SPECTRA SUITE software supplied by Ocean Optics, and plotted
it against the time of photo–irradiation. The decrease in the absorbance
at 655 nm implies the reduction of MB to colourless leuco methylene
blue (LMB). Results of MB degradation in the presence and absence of
25 mM ZnS photocatalysts under UV light are shown in Fig. 38b, where
the relative concentration (Ct/C0) of MB in solution is plotted with respect
to UV irradiation time. The percentages of total photodegradation are
found to be enhanced in CHT–ZnS compared to Cys–capped NPs. This
observation clearly reveals the molecular recognition of MB molecules
by ZnS–attached protein, which can effectively host both ZnS and MB
molecules; consequently the electron transfer process is facilitated when
electron donor and acceptor molecules come to a close proximity. It is
also revealed that the photocatalytic activity of photocatalyst decreases
upon Mn–doping which is consistent with the fact that excited electrons

Table 3: Picosecond–resolved luminescence transients of Cys/CHT–capped ZnS NPs
with/without Mn–dopinga.

Samples Excitation Detection 1 2 avg
wavelength wavelength (ns) (ns) (ns)

(nm) (nm)

Cys–ZnS 300 420 0.20 (79%) 2.34 (21%) 0.65

Cys–ZnS:Mn 300 420 0.50 (88%) 3.49 (12%) 0.86

Cys–ZnS:Mn 300 590 4.5 (69%) 42.0 (31%) 16.1

CHT–ZnS:Mn 375 460 0.08 (92%) 2.89 (8%) 0.31

CHT–ZnS:Mn 375 590 0.13 (90%) 3.21 (10%) 0.44
a The emissions from ZnS NPs (probing at 420, 460 and 590 nm) were detected with a
300 and 375 nm laser excitation. Numbers in the parentheses indicate relative
weightage.
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of ZnS can resonantly transfer their energy to Mn2+ state via
nonradiative processes. As a consequence, in the presence of Mn, excited
electrons are unable to migrate from the ZnS surface to perform the

Fig. 38: (a) Time dependent UV–vis spectral changes of methylene blue (MB) in the
presence of CHT–ZnS BNCs under UV–light irradiation. (b) Plot of relative
concentration (Ct/C0) versus irradiation time for the degradation of MB
(monitored at 655 nm) is shown. The degradation is performed in the presence
of BNCs: CHT–ZnS (empty circle), CHT–ZnS:Mn (filled circle), Cys–ZnS
(empty triangle), Cys–ZnS:Mn (filled triangle), only CHT (empty square), no
catalysts (crossed). (c) Plot of Ct/C0 versus irradiation time in the presence
of CHT–ZnS (filled triangle) and CHT–ZnS:Mn (filled circle) upon selective
excitation with a 350 nm high–pass filter.
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reduction of MB. From the photodegradation of MB in the presence of
ZnS and ZnS:Mn BNCs with a 350 high pass filter, it is clearly shown
that no considerable change in the absorbance peak at 655 nm takes
place upon below–band–gap excitation (shown in Fig. 38c). It reveals
that the electron transfer is not allowed from ZnS/ZnS:Mn to MB upon
direct excitation of electrons to the trap states in BNCs.

4. CONCLUSIONS

The interface between nanomaterials and biological systems comprises
a dynamic series of interactions between nanomaterial surfaces and
biological entities. These interactions are shaped by a large number of
forces that could determine nanomaterial’s colloidal stability,
physicochemical behaviour, photophysical properties etc. The most
relevant parameters in the nanoparticles design are: synthesis of the
inorganic core (composition, size and shape), stabilization (i.e.
derivatization techniques towards enhanced colloidal stability in
physiological media) and, lastly, functionalization with molecules of
biological relevance for enhanced bioperformance. The works covered
in this chapter demonstrate the impressive array of experimental
techniques to synthesize various bio–nanomaterials, their further
surface modification or functionalization to impart novel optical/
magnetic properties. Moreover, employing a multitude of spectroscopic
tools, we have investigated the characteristic nature of the interfacial
interaction between nanomaterials and biological systems. Finally, we
have also discussed the promising applications of these developed bio–
nanomaterials in catalysis and sensing, along with the detail mechanistic
insights.
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